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ABSTRACT  

In 2003 an unknown Leishmania species was isolated as the cause of cutaneous 

lesions in red kangaroos (Macropus rufus) located in the Northern Territory. 

This was the first identification of natural Leishmania infection in Australia and 

the parasite was characterised as a unique species.  

The lifecycle of Leishmania typically involves a mammalian host and 

transmitting phlebotomine sand fly vector. This study aimed to investigate the 

lifecycle of Australian Leishmania by incriminating both a vector and reservoir 

of the parasite.  

Traditional methods for Leishmania diagnosis were utilized in the investigation 

including in vitro culture, cytology, histology, and serology, as well as the 

development of a new specific Australian Leishmania real-time PCR. Native 

marsupials commonly found in the Darwin rural area were opportunistically 

sampled and screened for Leishmania. Serology and real-time PCR assisted in 

determining the parasite’s geographic range and its natural mammalian hosts. 

New clinical cases of cutaneous leishmaniasis were identified and characterised 

in northern wallaroos (M. robustus woodwardii), a black wallaroo (M. 

bernardus) and agile wallabies (M. agilis). Overall, antilopine wallaroos (M. 

antilopinus) and agile wallabies presented with high exposure and tolerance to 

the parasite, implicating them as reservoirs. 

To incriminate a vector, phlebotomine sand fly trapping was undertaken in two 

hot spot areas of known transmission and were subsequently screened for 

Leishmania. No association between Leishmania and sand flies was found. 

Subsequently, alternative vectors present in the Darwin rural area were 

investigated for infection giving startling results. For the first time, evidence 

linking the day-feeding midge, genus Forcipomyia, subgenus Lasiohelea as the 

biological vector of Leishmania is presented. This finding will have massive 

implications in the understanding of the Leishmania lifecycle worldwide.  
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Elucidating the complete lifecycle of Leishmania in Australia is vital to 

predicting the effects of an exotic introduction or an endemic expansion of the 

parasite. This knowledge is fundamental for ongoing disease surveillance and 

Australian biosecurity. 
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1.  INTRODUCTION 

 

 

1.1. Background 

1.1.1. Leishmaniasis – general comments 

Leishmaniasis is a significant zoonotic disease caused by species of the genus 

Leishmania. The protozoa Leishmania have digenetic lifecycles and can exist in 

two morphological forms; either as amastigotes inside the immune cells 

(macrophages) of mammals, or as flagellated promastigotes within the gut of a 

phlebotomine sand fly. Worldwide there are numerous different mammalian 

‘reservoir’ and sand fly ‘vector’ species that can be parasitized by Leishmania.  

The genus has been a focus of research worldwide as approximately 20 species 

are known to cause zoonotic disease which can be debilitating or even fatal 

(Ashford, 2000). The most common form of the disease is known as cutaneous 

leishmaniasis (CL) which affects the skin and accounts for more than 50% of 

new leishmaniasis cases (Kedzierski et al., 2006). Symptoms are variable but 

often appear as small papules at the site of the sand fly bite which become 

nodular before producing large ulcerative lesions. These generally occur on 

areas of the body exposed to sand fly bites, such as the face, neck, arms and 

legs. Lesion development occurs over a period of two weeks to six months and 

infections can sometimes remain asymptomatic. Lesions can spontaneously 

resolve or self cure resulting in lifelong immunity to the disease, although 

scaring and the cultural stigmatisation it elicits can persist for life (Reithinger et 

al., 2007). Human CL is caused by many different Leishmania species 

including Le. major, Le. tropica and Le. aethiopica in the Old World or Le. 

mexicana, Le. amazonensis and Le. guyanensis in the New World (Ashford, 

2000).  



     

   2

Some Leishmania spp. such as Le. aethiopica, Le. amazonensis, or Le. 

mexicana can disseminate from the localised lesion and cause multiple lesions 

known as diffuse cutaneous leishmaniasis. Another form, mucocutaneous 

leishmaniasis (MCL) occurs when the parasite disseminates and infects the 

naso-oropharyngeal mucosae. This is a rare condition and is usually caused by 

Le. braziliensis, often several years after the initial cutaneous lesion has healed 

(Herwaldt, 1999, Reithinger et al., 2007, Murray et al., 2005, Kedzierski et al., 

2006). A fatal form known as visceral leishmaniasis (VL) is caused by Le. 

donovani or Le. infantum. VL behaves very differently to CL whereby the 

parasite infects the spleen, liver and bone marrow. Clinical symptoms include 

fever, weakness, night sweats, anorexia and weight loss (Herwaldt, 1999, 

Murray et al., 2005). In some patients apparently cured of VL the disease can 

reappear later as post kala-azar dermal leishmaniasis, in which high numbers of 

parasites can be present in the skin and readily available for feeding sand flies, 

representing an important source of transmission (Kedzierski et al., 2006). 

The Leishmania spp. are believed to infect approximately 12 million people 

worldwide, with a further 350 million people at risk of infection. There are 1 to 

1.5 million new cases of CL, along with estimated 500 000 people acquiring the 

potentially fatal form VL every year (WHO, 1990). The majority of people 

infected are from poor or marginalised countries where the prevalence of 

disease is believed to be grossly underestimated. 

Leishmaniasis is a treatable disease. Similar drugs are used for treatment of all 

clinical forms of the disease. CL can be treated quite effectively with 

antimonial therapy to aid in resolving lesions, preventing scarring and 

eliminating the risk of dissemination or relapse. Antimonial treatment can take 

six months or more with various side effects due to toxicity. Due to the 

requirement for multiple injections, compliance to a full therapeutic regimen 

can be difficult, especially for those who have inadequate access to healthcare. 

VL is also treated using antimonials except in the Bihar State, India where 

resistance has developed. Amphotericin B or liposomal Amphotericin B is 

another drug commonly used to treat leishmaniasis. Miltefosine is an oral drug 
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currently being used in India as an alternative to antimonials, although there are 

also concerns that further resistance will develop due to poor patient 

compliance and sub-optimal dosage (DNDi, 2009, Herwaldt, 1999, Murray et 

al., 2005, Reithinger et al., 2007). The Drugs for Neglected Diseases initiative 

is currently trying to improve VL treatment throughout endemic areas. It aims 

to improve existing treatments and register new drugs and combination 

therapies. There are also concerns about the emergence of HIV/Leishmania co-

infections which are particularly hard to treat due to the immunosuppression 

(Kedzierski et al., 2006).  

The control of leishmaniasis is a complex issue and is a changing scenario in 

each specific Leishmania lifecycle and its geographic location.  Measures can 

either target the reservoir, the vector or both. Strategies for control can include 

habitat destruction of the reservoir and vector, or spraying of the vector (DTT, 

BHC, ULV fogging with malathion). Prevention of infection can be achieved 

by using insect impregnated bed nets or the vaccination of dogs (the primary 

reservoir of Le. infantum). The Brazillian Control Programs recommends 

canine culling and insecticide spraying for the vector as the primary stategory 

for the control of VL (Gaskin et al., 2002, Killick-Kendrick, 1999, Romero and 

Boelaert, 2010).  

 

1.1.2. Geography 

The genus Leishmania is found from temperate to tropical climates worldwide, 

occurring in more than 100 countries (Ashford, 2000). The species which cause 

CL are the most widespread and this disease is endemic in more than 70 

countries. Afghanistan, Algeria, Brazil, Pakistan, Peru, Saudi Arabia and Syria 

account for 90% of all CL cases (Reithinger et al., 2007).  

New World VL is endemic in areas of both Central and South America. Most of 

the cases are concentrated in north-eastern Brazil and are due to Le. infantum 

(Ashford, 2000).  
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The Indian state of Bihar accounts for 45% of the world’s cases of VL, caused 

by Le. donovani. Other ‘hotspots’ for VL are found in Kenya and Sudan where 

the disease is caused by the same species as in India. VL is also found 

throughout the Mediterranean, where Le. infantum is the species responsible 

(Murray et al., 2005). 

There have been recent reports of Leishmania infection occurring in regions 

that were previously considered free of the parasite, for example CL in Sri 

Lanka and East Timor and VL in Thailand (Chevalier et al., 2000, Siriwardana 

et al., 2007, Sukmee et al., 2008). The emergence and re-emergence of 

leishmaniasis will be discussed in section 1.7.3. 

 

1.2. A HISTORY OF LEISHMANIASIS  

Reports possibly referring to CL can be found in the Old Testament. Exodus (9 

and 10), “Then Jehova said to Moses and Aaron. Take ashes from the kiln. 

Moses, toss it into the sky as Pharaoh watches. It will spread like fine dust 

overall the land of Egypt and cause boils to break out upon people and animals 

alike, throughout the land”. In the Middle East, there are descriptions of skin 

lesions on tablets found in the library of King Ashurbanipal from the 7th century 

BCE. In 930CE Abu Baker Al Razi, an Arab-Islamic scientist described CL as 

a sore endemic in the Balkh and Baghdad regions. The CL-like disease was 

well known in the Balkh, a Russian region that now borders on Afghanistan. 

Abu-Mansur Hassan Al Qamari Al-Bokhari made reference to it in 970CE and 

was known as the “Balkh sore”. The people from this region also referred to it 

‘Pasha Gazidagi’ which translates to mosquito bite (Oumeish, 1999, Cox, 

2002). 

In the New World, depictions resembling skin lesions and facial deformities 

have been found on pre-Inca pottery from Ecuador and Peru which can be dated 

back to the first century CE. References to seasonal agricultural workers 

returning from the Andes with skin ulcers, known as ‘valley sickness’ or 
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‘Andean sickness’, is found in texts from the Inca period in the 15th and 16th 

centuries (Felipe Francisco et al., 2008, Oumeish, 1999). 

Depending on the region and country CL is known by many common names; 

some examples include ‘oriental sore’ or ‘Baghdad boil’ in the Old World and 

‘pain bois’, ‘chiclero’s ulcer’, or ‘bay sore’ in the New World. In South 

America, the rare and debilitating form MCL is known as ‘Espunda’, meaning 

cancerous ulcer (Oumeish, 1999). 

The parasite responsible for these diseases was first described in 1903 

independently by Leishman and Donovan in splenic tissue from patients in 

India with an unknown life-threatening disease. The disease was referred to as 

kala-azar, which translated from Hindi means black fever (Herwaldt, 1999, 

Murray et al., 2005). Since then around 30 species have been described, 20 of 

which are known to cause infection in humans. Ten species are considered to 

have significant medical and veterinary importance (Bates, 2007).  

 

 

1.3. THE LIFECYCLE OF LEISHMANIA 

1.3.1. Summary  

The Leishmania spp. have a polymorphic lifecycle involving two hosts; insects 

and primarily mammals, as depicted in Figure 1.1. The parasite morphology 

differs between hosts. As a circular amastigote Leishmania invades and 

replicates inside the phagolysosome of mammalian macrophages. Heavily 

infected macrophages rupture and amastigotes will move on to infect 

surrounding macrophages. In CL macrophages infected with amastigotes are 

localised in the skin, whereas for VL infected macrophages become systemic in 

the bloodstream and can be found in the spleen, liver, lymph nodes and bone 

marrow. 

When a phlebotomine sand fly takes a bloodmeal from infected host 

macrophages (containing amastigotes) can be ingested. In the sand fly the 
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parasite exists extracellularly as a flagellated promastigote. Here it replicates 

and is later transmitted to its animal host by regurgitation during the sand fly 

bite. Occasionally, incidental disease can occur in humans when they are 

infected via the bite by an infected sand fly. For some species such as Le. 

donovani a mammalian reservoir is not required and the lifecycle involves only 

humans and the transmitting vector.  

 

  

Figure 1.1: Generalised lifecycle of the Leishmania spp.  

Image reproduced from Special Programme for Research and Training in 
Tropical Diseases website (TDR/Wellcome trust, 2004). 

 

1.3.2. Amastigotes 

The Leishmania amastigote exists as an obligate intracellular organism within 

the phagolysosome of the mammalian host macrophages or other phagocytic 

host cells (Herwaldt, 1999). The amastigotes are round or oval non-flagellated 

cells, 2-6 µm in diameter (Dedet et al., 1999). The flagellum is internalised and 

can be seen within the cell on electron micrographs (Figure 1.2). The 

kinetoplast and nucleus are also easily visible in cytological stains. The 
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kinetoplast is often distinguishable from the other structures due to its kidney 

shape and is characteristically used for microscopic diagnosis. It stains 

intensely on giemsa stain due to the high concentration of DNA.  

 

Figure 1.2: Transmission electron micrograph of Australian Leishmania 
amastigote. 

(Image – Professor Peter O’Donoghue, University of Queensland)  

 

1.3.3. Promastigotes  

Promastigotes are slender cells about 15-20 µM in length, 1.5-3.5 µM in 

diameter, with a flagellum that is approximately 15-28 µM. The nucleus is 

central while, the characteristic kinetoplast is located adjacent to the base of the 

flagellum (Dedet et al., 1999). Promastigotes are easily cultured in the 

laboratory and their flagellum is used for directional movement. Rather than a 

rudder like tail, its movement is always directed forward from the tip of the 

flagella. In culture the flagella will often attach to each other forming rosette 

structures or large clumps of promastigotes as seen in Figure 1.3. 

Kinetoplast 

Nucleus 

Flagellum 
(internalised) 
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Figure 1.3: Promastigotes in culture.  

Photograph taken of live Australian Leishmania in culture x400 magnification. 
Clumping can be seen forming the rosette structure on the right hand side. 

 

1.3.4. Promastigote lifecycle within the sand fly g ut 

When a phlebotomine sand fly vector bites an infected host, amastigotes within 

macrophages are taken up in the bloodmeal. The parasite, in response to 

environmental stimuli, transforms into flagellated promastigotes. The 

morphological transformation is dependent on extrinsic factors such as changes 

in temperature and pH (Bates and Rogers, 2004). These cause a cascade of 

molecular responses resulting in the physical change to the promastigote form. 

Within the sand fly gut the parasite completes its lifecycle in approximately 

seven days or until it reaches sufficient numbers to be infective and passed on 

to its next host (Sacks and Kamhawi, 2001). Transmission occurs when the 

sand fly takes its next bloodmeal and parasites are regurgitated during the 

feeding process into the host bloodstream. 
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Figure 1.4: The lifecycle of Leishmania within the digestive tract of a 
competent sand fly vector.  

Diagram reproduced from ‘Leishmania beyond the genome’ book chapter, ‘The 
biology of Leishmania-Sandfly Interactions’ (Sacks et al., 2008). 

 
The life stages within the sand fly digestive tract are shown in Figure 1.4. 

Within the sand fly gut there are five slightly different morphological forms, the 

prevalent form depending on the stage of infection. These can be classified as 

procyclics, nectomonads, leptomonads, haptomonads and metacyclics (Rogers 

et al., 2002). When a bloodmeal is ingested the sand fly produces a peritrophic 

membrane to encase it. Within 12-16 h the amastigotes transform to 

promastigote forms known as procyclics. These are compact ovoid forms in 

which the flagellum is shorter than the body. Procyclics multiply within the 

bloodmeal for the next 18-24 h. Sand fly digestive enzymes are transported 

from the gut across the membrane to break down the bloodmeal components. 

To avoid enzymatic breakdown Leishmania parasites move out through the 

bloodmeal peritrophic membrane and into the gut lumen 3-4 days post-

infection. Parasites move through the peritrophic membrane as nectomonads 
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which are slender forms ≥ 12 µm long. Nectomonads attach to the sand fly gut 

wall using their flagella, a process mediated by parasite surface molecules 

known as lipophosphoglycans (LPGs). The LPGs interact with the sand fly gut 

wall and mediate specific binding. In doing so it is believed the parasite avoids 

excretion from the sand fly gut with the bloodmeal (Pimenta et al., 1992, Sacks 

and Kamhawi, 2001).  

Following bloodmeal digestion parasite numbers increase to ensure 

transmission with the next blood meal. Parasite morphology changes again 

from nectomonads into leptomonads. These are between 6.5 µm–11.5 µm long, 

with the flagellum greater than or equal to the body length. Leptomonads 

excrete a proteophosphoglycan-rich promastigote secretary gel (PSG), which 

causes the parasites to stick together in clump/plug form (Rogers et al., 2002, 

Rogers et al., 2004, Stierhof et al., 1999). PSG plug formation is seen 5-7 days 

post infection in the anterior foregut and the stomodeal valve.  

A sub-set of parasites known as haptomonads localise to the surface of the 

stomodeal valve. The flagella tip bears a disc-like expansion and the length of 

the flagellum is variable. It is believed the sole purpose of haptomonads is to 

enhance chances of transmission by damaging the stomodeal valve. By day 

seven the majority of parasites will be metacyclics (body length ≤ 8 µm, body 

width ≤ 1 µm, flagellum > body length) within a PSG plug. The metacyclics are 

the infective stage required to invade mammalian host macrophage (Rogers and 

Bates, 2007, Rogers et al., 2002). When the sand fly takes its next bloodmeal 

the PSG plug causes a blockage during feeding and the sand fly will make 

multiple attempts to feed. It is through this process the parasite PSG plug is 

regurgitated and transmission of metacyclic promastigotes occurs. Similarities 

to this phenomen are seen in the vector for Yesina pestis, fleas. Y. pestis will 

multiply in the gut lumen of flea, as its numbers incresase it starts to form 

aggregates which later migrate and adhere to the proventricular valve 

(analogous to the stomdeal valve), it is here were blockages occur preventing 

the feeding of blood for the flea aidding in the efficient transmission of Y. pestis 

to another host (Jarrett et al., 2004).  
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1.3.5. Sex and Leishmania 

The demonstration of Leishmania hybrid species and recentlythe discovery of a 

sexual stage in promastigotes is an important fector in sand fly-Leishmania 

interactions.  

Ravel et al. (2006) described the first genetic hybrids of Le. infantum and Le. 

major, isolated in Portugal from two patients with HIV/Leishmania co-

infection. It has also been demonstrated that Le. major/Le. infantum hybrids 

show increased transmission potential in the sand flies Phlebotomus papatasi 

and Lutzomyia longipalpis (Volf et al., 2007). 

A recent ground breaking discovery was the finding that promastigotes 

undergoing development in the sand fly gut are capable of undergoing a sexual 

cycle. Akopyants et al. (2009) used two different drug-resistant mutant strains 

of Le. major in experimental sand fly infections. In co-infections with the two 

mutant strains they were able to demonstrate F1 generations with resistance to 

both drugs. The genotypes were consistent with cell division by meiosis, with 

heterozygous first generation progeny having alleles from both strains. This 

discovery may explain some complexities of Leishmania taxonomy and the 

variety of disease tropism. The existence of a sexual cycle has consequences in 

all areas of Leishmania biology. Under evolutionary pressures caused by 

changing habitats and environmental conditions, hybridisation may allow 

adaptations to new ecological niches, vectors and hosts. Pathogenesis, drug 

resistance and virulence may also be affected by the sexual cycle given the right 

conditions (Miles et al., 2009). 
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1.4. TAXONOMY OF LEISHMANIA 

1.4.1. Classification 

The protozoan Leishmania is a member of the order Kinetoplastida and the 

family Trypanosomatidae. Species belonging to this order all have a unique 

DNA-packed kinetoplast functionally analogous to the mitochondria of 

eukaryotes (Simpson, 1987).  

According to Levine et al. (1980) the genus Leishmania is classified as follows: 

Phylum: Sarcomastigophora (Honigberg and Balamuth, 1963) 

Sub-phylum:  Mastigophora (Diesing, 1866) 

Class:   Zoomastigophorea (Calkins, 1909) 

Order:  Kinetoplastida (Honigberg, 1963, emend. Vickerman, 1976) 

Sub-order:  Trypanosomatina (Kent, 1880) 

Family:   Trypanosomatidae (Do¨ flein, 1901, emend. Grobben, 1905) 

Genus:  Leishmania (Ross, 1903) 

The family Trypanosomatidae includes nine genera that parasitize various 

living organisms including fish, amphibians and reptiles (Trypanosoma, 

Sauraleishmania), mammals (Trypanosoma, Leishmania and Endotrypanum), 

insects (Crithidia, Herpetomas, Leptomonas, Blastocrithidia) and plants 

(Phytomonas) (Dedet et al., 1999, Simpson, 1987). Genera of particular 

medical and veterinary importance include Trypanosoma and the Leishmania. 

The Special Programme for Research and Training in Tropical Diseases based 

at the WHO in Geneva, Switzerland, includes the human pathogenic 

Leishmania spp., and Trypanosoma brucei (African sleeping sickness) and T. 

cruzi (Chagas disease) as major infectious disease priorities for research due to 

their worldwide public health impact. Due to their medical and economic 

importance, trypanosomatids of vertebrates have been studied more intensely 

than those of insects and plants. It is likely that the family is much more diverse 

with many species yet to be discovered. 
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The morphological features of species within the genus Leishmania are 

indistinct. Various characteristics have been used in classification since the 

genus was first described including both extrinsic (clinical descriptors or 

geographical distribution) and intrinsic features (biochemical and molecular). 

The scheme reproduced in Figure 1.5 for the classification of Leishmania and 

its sub-species was published by WHO (1990) (Banuls et al., 2007, Dedet et al., 

1999).   

Development of the promastigote stages within the sand fly gut is the accepted 

way to distinguish the subgenera Leishmania (Leishmania) and Le. (Viannia). 

Promastigotes multiply in the midgut and foregut in species of the subgenus 

Leishmania, their developmental pattern thus being known as “suprapylarian” 

(literally “above the gate”). Species of subgenus Viannia are “peripylarian” 

(“on both sides of the gate”) since they multiply initially in the hindgut and 

later migrate to the midgut and foregut before transmission. Members of the 

reptile infecting genus Sauroleishmania (formerly considered as a further 

subgenus of Leishmania) are “hypopylarian” (“under the gate”), developing in 

the hindgut before migrating backwards to the ileum and rectum (Lainson and 

Shaw, 1987). As such they cannot be transmitted by sand fly bite and the 

infection of reptiles must be by some other route. 

Serotypying using excreted soluble proteins, monoclonal antibodies, isoenzyme 

characterisation and molecular criteria have also been used to classify 

Leishmania species (Banuls et al., 2007, Dedet et al., 1999, Shaw, 1994). 
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Figure 1.5: Taxonomy of Leishmania.  

Underlined species have been questioned. Reproduced from Banuls (2007).  

 

1.4.2. Molecular phylogenetics 

In recent times molecular phylogenetics has been used to analyse inter and intra 

subgeneric species relatedness and evolution. DNA-based analysis of hyper-

variable regions has been used to examine different strains within particular 

species, from different locales or which cause different pathologies. Examples 

include microsatellite analysis of Le. major in Africa and the middle east  

(Schwenkenbecher et al., 2006, Schwenkenbecher et al., 2004) or the analysis 

of intergenic spacer regions (ITS) for the Leishmania (Vianna) subgenus which 

cause both CL and MCL. The ITS studies have shown Le. (V.) braziliensis and 

Le. (V.) naiffi to be highly polymorphic and strain variation associated with 

geographical location and different vector species (Cupolillo et al., 2003, 

Cupolillo et al., 1995). 

The use of conserved sequences (under little evolutionary pressure) is used for 

analysis at the species level, and can be correlated with geographical 

distribution and/or disease phenotype. Gene sequences analysed include the 

DNA polymerase and RNA polymerase largest subunit II (Croan and Ellis, 

1996, Croan et al., 1997, Noyes et al., 2000), 18S ribosomal RNA (18S rRNA), 

glyceraldehyde phosphate dehydrogenase and cytochrome b (Asato et al., 2009, 



   

   15

Noyes et al., 2002, Yurchenko et al., 2006). The tree shown in Figure 1.6 

shows an analysis done by Yurchenko et al. (2006) using 1266 nt of the RNA 

polymerase largest subunit II gene.  

 

 

Figure 1.6: Phylogenetic tree of the Leishmania species using the RNA 
polymerase largest subunit II gene. 

Maximum likelihood tree reproduced from (Yurchenko et al., 2006). 

 
In Figure 1.6 the name “Paraleishmania” collectively refers to Leishmania spp. 

closely related to the Endotrypanum sp. found in sloths in the Neotropics. The 

name “Euleishmania” refers to all other Leishmania spp. (Cupolillo et al., 

2000). Yurchenko et al. (2006) undertook sequence analysis of the 18S rRNA, 
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glyceraldehyde 3-phosphate dehydrogenase and RNA polymerase (Figure 1.6) 

to convey how closely related Leptomonas costaricensis is to the Leishmania 

spp. They hypothesise that this Leptomonas sp. at the root of the tree represents 

the evolutionary step towards becoming dixenous parasites and predates 

continental split. Phylogenies produced from conserved sequence analysis are 

useful for classification and can examine evolutionary origins of the genus. 

Taxonomy of Leishmania is a complex field due to variation within the genus, 

which occurs in many different mammal and vector species worldwide.  

 

 

1.5. VECTOR BIOLOGY  

1.5.1. Phlebotomine sand fly vectors  

It is widely accepted that phlebotomine sand flies are the vectors of 

Leishmania. There are approximately 700 known species of phlebotomine sand 

fly and of these only a small number have been implicated as vectors of 

zoonotic leishmaniasis. Twenty species of Phlebotomus in the Old World and 

24 Lutzomyia species in the New World are considered to be proven or 

probable vectors (Sacks et al., 2008). Phlebotomine sand flies are also known to 

be vectors for bartonelosis, flaviruses, ordiviruses, phleboviruses and 

vesiculoviruses (Feliciangeli, 2004).  

Phlebotomine sand flies are found in most warm climates around the world. 

Their habitats are very diverse ranging from hot dry deserts, savannas, open 

woodlands to tropical rainforests. Sand flies are not found in New Zealand or 

the Pacific Islands. The Old World sand flies predominate in deserts or 

savannas, while in the New World most species occur in warmer, more humid 

forested areas with higher rainfall.  

Temperature and rainfall can affect the relative abundance of sand flies over the 

seasons. Old World leishmaniasis is usually found in sub-tropical to temperate 

climates where the sand fly season is often associated with the warmer months. 
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This is the case for P. gubbibergi, the vector of Le. major in Kenya where the 

highest numbers are seen in December (summer) and the lowest in July/August 

when overnight temperatures drop to 5ºC (Johnson et al., 1999). 

New World leishmaniasis is predominantly tropical and sand flies in these areas 

can be found all year round, although their populations do show seasonal 

fluctuations. For example, Gil et al. (2003) found that 77.6% of sand flies 

surveyed in the Brazilian state of Rodonia were caught in the rainy season, 

despite the effect of long periods of heavy rainfall on diurnal resting and 

breeding sites for sand flies. 

There is some confusion in Australia regarding sand flies. In Australia members 

of the family Ceratopogonidae are commonly referred to as sand flies rather 

than the more widely used term of biting midges (Kettle, 1984a). Generally the 

rest of the world refers to sand flies as belonging to the sub-family 

Phlebotominae (sometimes raised to family status as Phlebotomidae). They can 

be easily distinguished from other psychodids by the raised V-shaped position 

in which they hold their wings at rest. Phlebotomine sand flies are small (2-3 

mm long), have long antennae, pendulous palps, and hairy bodies and wings 

(Alexander, 2000, Kettle, 1984b). In this thesis, biting flies from the sub-family 

Phlebotominae are referred to as sand flies. 

The phlebotomine sand flies of Australia are detailed in section 4.1. 

 

1.5.2. Sand fly lifecycle 

The phlebotomine sand fly lifecycle typically lasts 30-45 days, during which 

time the insects pass from eggs through four larval instars to pupae and 

ultimately adult emergence. Development time is dependent on the species and 

ambient temperature. It usually takes around 4-7 days for the larvae to hatch. 

Larval development is slow and takes around three weeks. The adults emerge 

from the pupae after about 10 days. Adult females require a blood meal to 

produce eggs and they will mate before, during or after the blood meal 

depending on the species. The time taken to mature and lay eggs also depends 
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on the species as well as other factors such as temperature and speed of 

digestion (Killick-Kendrick, 1999). Generally in the laboratory, egg 

development takes around 4-8 days. Adults may take multiple bloodmeals or 

only one per batch of eggs, dependent on the species and the environment. 

Adults also require a sugar meal to provide for their energy requirements, 

which is obtained from honeydew or nectar from vascular plants (Alexander, 

2000, Alexander and Usma, 1994, Kettle, 1984b, Killick-Kendrick, 1999) 

Little is known about sand fly breeding sites. Breeding sites have only been 

identified for 52% of Leishmania vector species in the Old World and 27% in 

the New World, accounting for only 3% of all known species (including non-

Leishmania vectors) of Phlebotominae (Feliciangeli, 2004, Killick-Kendrick, 

1999). It is known, however, that larval development occurs in soils that are 

rich in organic matter. Immature stages of sand flies are not aquatic and there is 

no association with bodies of water or sand as their name might suggest. 

 

1.5.3. Permissive versus non-permissive vectors  

Phlebotomine sand fly Leishmania vectors can be categorised into two types; 

the non-permissive (specific) vectors and the permissive vectors. A specific 

vector will be adapted to only carry one Leishmania sp. Evidence for this 

specificity has been seen in the field and the laboratory. For example, P. 

papatasi is only involved in transmission of Le. major, even though the vector 

has a wide geographic range covering areas endemic for other Leishmania spp. 

This is supported in the laboratory by experimental infections of P. papatasi 

colonies which are unable to support the full development of species other than 

Le. major. The LPG structures of Le. major are linked to a specific gut wall 

attachment in P. papatasi. This specific relationship has been well characterised 

and is due to terminal sugars on the LPG molecule that are developmentally 

regulated in Le. major (Sacks, 2001). 

Studies have shown that the permissive vectors can produce transmissible 

infections for more than one Leishmania species. For example, Lutzomyia 
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longipalpis was able to carry Le. infantum when this parasite was introduced 

into South America by European colonists (Bates, 2008). The Old World 

species P. arabicus is capable of carrying Le. major, Le. infantum and Le. 

tropica (Volf and Myskova, 2007). A recent a study using Le. major LPG-

deficient mutants found that gut wall attachment still occurs in permissive 

vectors, thus indicating an LPG-independent mechanism for vector competence 

in permissive sand flies. The mechanism is believed to be associated with sand 

fly midgut glycoprotein’s bearing N-acetyl-galactosamine mediated binding to 

the Leishmania surface (Myskova et al., 2007).  

 

1.5.4. Proving a sand fly vector 

Demonstrating that a species of phlebotomine sand fly is carrying Leishmania 

does not prove that it is a vector. Many species may take up the parasite in a 

blood meal and replication may occur, but often promastigotes are lost in the 

excretion of the bloodmeal (Killick-Kendrick, 1999). To be transmissible, 

promastigotes have to reach the metacyclic stage before they are ready to be 

infective when the sand fly feeds again (Bates, 2007).  

Killick-Kendrick (1999) summarised some generally accepted observations that 

need to be made to incriminate a vector of Leishmania in human disease. These 

include: 

1) the sand fly will feed on humans and an animal reservoir host, 

2) the sand fly will support the development of parasite lifestages after the 

infecting bloodmeal has been digested and excreted, 

3) parasites from wild caught sand flies will be indistinguishable from 

isolates from patients, and 

4) the sand fly will be able to transmit the parasite by bite. 

The criteria to prove or confirm a suspected vector includes the isolation and 

identification of parasites from sand flies, demonstration that the parasites 
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develop to metacyclic stage in the gut of the sand fly and the demonstration of 

human-vector and/or reservoir-vector contact (Lawyer and Perkins, 2000). 

The most straightforward way to find Leishmania parasites within the gut is by 

manual gut dissection of freshly caught flies. Promastigotes found in infected 

flies can be cultured for species identification. The developmental stage of 

promastigotes within the gut can be assessed for infective metacyclic stages. 

Logistically this may not always be possible. Sand fly gut dissection requires 

practice and skill, it can be time-consuming and often large numbers need to be 

dissected to find an infected sand fly. Large distances between the laboratory 

and the field may not allow sand flies to be dissected when fresh.  

Many studies have used PCR as an alternative method for the detection of 

Leishmania in sand fly guts. This method can have many benefits, including 

high sensitivity, species-specificity and large numbers of sand flies can be 

processed at a later date, rather than immediately. However, detection of 

Leishmania DNA in the sand fly gut still does not prove its transmission 

capability and developmental stages within the gut cannot be identified.  

Another useful way to demonstrate that a vector may be capable of 

transmission is through xenodiagnosis. This involves feeding an uninfected 

sand fly on an infected patient or animal and later examining for infection. A 

good example of this method is the study by Jaramillo et al. (1994) in which the 

vectorial competence of four Lutzomyia spp. for Le. panamensis and Le. 

braziliensis was studied by feeding wild caught or F1 generation sand flies on 

infected hamsters. By monitoring parasite numbers in the gut these authors 

found Lu. trapidoi to be the most heavily infected (>100 parasites/sand fly) of 

the four species by both Leishmania spp. They also saw parasite migration 

toward the foregut followed by promastigote colonisation of the stomodeal 

valve, leading them to conclude that Lu. trapidoi was the most efficient vector.  

If the suspected vector is in a colony, experimental sand fly infections using 

membrane feeders are useful to monitor the development of the Leishmania sp., 

again through gut dissection. This process can be carried out using laboratory 
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cultures of Leishmania either as promastigotes or preferentially as amastigotes 

(if they can be cultured). The advantage is that an animal model is not required 

and a colony can be tested for competence using multiple species of 

Leishmania.  

Human-vector and/or reservoir-vector contact can be demonstrated easily by 

blood meal analysis. Wild-caught sand flies containing blood meals can be 

surveyed to establish host preferences for blood meal, using techniques that will 

be discussed in section 5.1. Sand flies observed feeding on potential reservoirs 

can also be manually aspirated and later identified and analysed. 

A laboratory colony of the sand fly species of interest and animal disease model 

is required to obtain conclusive proof of transmission. An example of this 

determined the vectorial competence of P. arabicus for Le. tropica in the 

laboratory using experimentally infected hyraxes (Procavia capensis). Blood-

fed sand flies were maintained in colony and later fed on uninfected hyraxes to 

show they were capable of transmission (Svobodová et al., 2006). The 

establishment of a sand fly colony is a labour-intensive process and can be quite 

difficult depending on the sand fly species. Obtaining the facilities for culture 

and an established animal model for infection is also difficult. The average 

small field laboratory may not have the capabilities to carry out such 

experiments and this was certainly not within the scope of this project. 

However, molecular techniques for Leishmania detection, bloodmeal 

identification and keen observational skills all contribute towards the 

incrimination of a vector species. 

 

1.5.5.  Alternative transmission 

Phlebotomine sand flies of the genera Lutzomyia and Phlebotomus are the 

primary vectors of Leishmania. However mechanical transmission and other 

arthropod species have also been proposed as being involved in the lifecycle. 

Within the subfamily Phlebotominae flagellates subsequently identified as Le. 

braziliensis were isolated and cultured from the sand flies Psychodopygus 
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wellcomei and Ps. complexus, which were collected in a CL endemic area of the 

Brazilian state of Para. Both these sand fly species are highly anthropophilic (de 

Souza et al., 1996, Ready et al., 1991). However, the generic status of 

Psychodopygus is not accepted by most researchers who consider it to be a 

subgenus of Lutzomyia.  

There are several reports suggesting the Old World genus Sergentomyia is 

involved in Leishmania transmission. For example, S. babu was found to be 

PCR positive for Le. donovani during an outbreak of VL (kala-azar) in the 

Indian states of West Bengal and Bihar states (Mukherjee et al., 1997). Mutinga 

et al. (1994) have dissected and cultured Le. major from S. garnhami in the 

Kitu district of Kenya. The same author has also suggested S. garnhami and S. 

ingrami as potential vectors of Le. donovani (Mutinga, 1991). There are no 

published studies further confirming S. babu, S. garnhami or S. ingrami as 

vectors of Leishmania spp.  

Dogs are the principal reservoirs of Le. infantum in the Mediterranean as well 

as in South America. As these animals are hyper-infested with ectoparasites, 

studies have investigated the possibility that ticks (Rhipicephalus sanguineous) 

or fleas (Ctenocephalides felis felis) are involved in transmission.  

Coutinho et al. (2005) collected ticks from dogs showing symptoms of VL. 

Macerates of blood engorged ticks were then used to infect laboratory hamsters 

either orally or peritoneally. Transmission by both methods was demonstrated 

and positive hamsters were diagnosed based on clinical symptoms, PCR and 

serology. However, this study failed to show whether natural transmission 

between dogs was possible in the field or by tick bites, rather than simply 

through mechanical transmission or transmission by oral ingestion of an 

engorged tick.  

A similar experiment was conducted using fleas and again infection was 

demonstrated in hamsters following oral and peritoneal inoculation, although 

they were unable to visually confirm infection from imprint smears of viscera 

(Coutinho and Linardi, 2007). More recently, Otranto and Dantas-Torres (2009) 
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conducted a virtually identical experiment using fleas. Again infection in 

hamsters was demonstrated using PCR and serology. Results from impression 

smear results were not reported. Neither study was able to show transmission 

by the bite of an infected flea in hamsters. Furthermore, dog-to-dog 

transmission by fleas has not been proven. Further studies need to be conducted 

to see if these alternative routes of transmission are significant factors of 

leishmaniasis epidemiology in endemic areas.  

Mechanical transmission of Le. major has been shown using laboratory-reared 

Testse flies (Glossina morsitans morsitans) fed on Le. major infected hamsters 

and mice (Lightner and Roberts, 1984). In addition, mechanical transmission of 

Le. mexicana by the common house fly (Stomoxys calcitrans) has been 

demonstrated experimentally also between hamsters (Lainson and Southgate, 

1965). 

There have been documented cases of canine VL in the absence of a known 

biological vector. A good example of this is the Dutchess County, New York 

foxhound scenario. In 2000, an outbreak of canine VL occurred at a foxhunting 

club with 112/250 (44.8%) of the dogs showing symptoms of the disease. 

Confirmation of Leishmania infection was made at necropsy in several dogs 

using indirect immunofluorescent assay, PCR, culture, cytology and 

histopathology. Since then evidence of the disease has been found in 18 US 

states and two Canadian provinces across north eastern America. Transmission 

in these areas has always been considered to be dog-to-dog (Duprey et al., 

2006, Gaskin et al., 2002). Experimental studies have shown that Leishmania 

can be transmitted between dogs by at least three different routes. These include 

transplacental, via blood transmission and venereal transmission (Rosypal et 

al., 2005, Owens et al., 2001, Silva et al., 2009). 
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1.6. RESERVOIR BIOLOGY  

1.6.1. Defining a reservoir 

A reservoir may be defined as either ‘the ecological system in which an 

infectious agent survives persistently’ (Ashford, 1996), or ‘one or more 

epidemiologically connected populations or environments in which the 

pathogen can be permanently maintained and from which infection is 

transmitted to the defined target population’ (Haydon et al., 2002). 

A primary reservoir is the host responsible for maintaining the parasite enzootic 

cycle in nature. A secondary reservoir is an infected host that serves as an 

infection source for the vector, but cannot maintain the biological cycle 

indefinitely in nature. An accidental host is an infected host that does not 

usually represent a source of infection in nature (Silva et al., 2005). 

Occasionally an accidental host may play a role in transmission and become a 

secondary reservoir. An additional term is a ‘liaison host’ which is defined as 

an agent to a situation where the parasites can come in contact with humans 

(Ashford, 1996).  

Silva et al. (2005) compiled a list of criteria used to determine if a given 

infected host could be the primary reservoir of human infection. These are as 

follows: 

i) overlap between geographical and temporal distribution of vectors 

and hosts; 

ii)  survival of the reservoir host long enough to guarantee disease 

transmission; 

iii)  infection prevalence rates higher than 20% among hosts; 

iv) maintenance of the parasite in skin lesions or blood (at quantities 

large enough to infect the vector easily) and 

v) the presence of the same Leishmania species in the reservoir and in 

humans.  



   

   25

Chaves et al. (2007) argued that these criteria can be misleading. For example 

an accidental host may have the same parasite as a result of being infected from 

the same source. Parasites in the skin or blood of a host may not always mean 

the animal’s behaviour will put them in contact with the vector in the 

transmission season, i.e. infection may be purely by chance. As leishmaniasis is 

a vector-borne disease then one would expect some seasonality in the sand fly 

numbers, the prevalence of infection changing accordingly.  

In summary ecological systems are complex and the criteria that fit one 

situation may not do so in others, making it difficult to conclusively incriminate 

a reservoir. Nevertheless, if an infected mammalian host fits most or all of the 

above criteria it may play a role in the lifecycle and be should considered in 

developing control strategies for zoonotic disease.  

Ashford (1996) provided some of simplest and broadest guidelines for 

identifying a potential primary reservoir. He stated on page 523, “the reservoir 

host is abundant, forming a large proportion of the mammalian biomass; 

frequently it is a gregarious species; an effective reservoir must be long-lived, 

at least surviving through any non transmission season. The response to 

infection is equally important: in the known systems, a large proportion of 

individuals become infected during their lifetime; they remain infected for a 

long time without acute disease and the parasites are in the skin or circulation, 

where they are ‘presented’ to the sand fly vectors”.  

 

1.6.2. Diversity of mammalian reservoirs 

Mammals include all the known reservoirs of Leishmania spp. The closely 

related Sauroleishmania (sometimes considered a subspecies of Leishmania) 

infect reptiles and are thought not to be involved in zoonotic disease. The best 

known Leishmania reservoirs are domestic dogs, which can provide sources of 

infection for Le. infantum, Le. major, Le. tropica and Le. braziliensis. 

A diverse range of mammals can be infected with various Leishmania spp. In 

the Old World, animals from the orders Primates (human/vervet monkey), 
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Carnivora (dogs/foxes), Hyracoidea (hyraxes) and Rodentia (gerbills/rats) are 

known reservoirs. The lifecycle of Le. major involves numerous reservoirs, 

depending upon the geographical location. In Iran, northern Afghanistan, 

Uzbekistan and Tajikistan the great gerbil Rhombomys opimus is a known 

reservoir. This species has many good characteristics of a reservoir in being a 

gregarious species that lives in dense colonies within extensive burrows. These 

burrows offer a warm, moist environment highly suited to co-existence with 

sand flies. Gerbils can live for more than two years which makes them capable 

of carrying the parasite on to the next transmission season. Gerbils also do not 

appear to be adversely affected by infection with Leishmania, symptoms being 

limited to swelling and slight erosion of the pinna of the ear, occasionally 

lesions at other sites and sometimes visceralisation (Ashford, 1996).  

Another well known Le. major reservoir is the fat sand rat, Psammomys obesus, 

in Jordan, Israel, Palestine, Syria, Saudi Arabia, Tunisia and Libya. It is a 

medium sized rodent that lives in habitats where its only food plant, salt bush of 

the Chenopodiaceae, is the dominant vegetation type. Again, it is a burrowing 

animal and populations can build up to large numbers in ideal situations. It is 

fairly short-lived (18 months) but this is long enough for it survive between 

transmission seasons (Ashford, 1996, Saliba and Oumeish, 1999). 

Fichet-Calvat et al. (2003) carried out a thorough study of the seasonal Le. 

major prevalence in fat sand rats in Tunisia. This survey lasted 21 months 

during which 566 animals were collected. They found that prevalence of 

infection in the population fluctuated with between 5-70% due to seasonal 

changes in the numbers of animals in colonies, lower numbers giving higher 

prevalence. Reservoirs do not always display symptoms of the disease they 

carry, as was clearly demonstrated in this study. The ear lesions observed on 

378 sand rats during a one year survey were closely associated with Leishmania 

infection. However, such lesions were not good predictors of infection as 35% 

of the rodents found to be infected had no visible lesions on their ears. 
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In the New World, mammals from the orders Marsupialia (opossum), Xenarthra 

(sloths/anteaters), Primates (monkeys/humans), Carnivora (domestic dog/foxes) 

and Rodentia (rats) are known reservoirs (Ashford, 1996). The sloths 

(Choloepus spp. and Bradypus spp.) are well characterised reservoirs. These 

animals are reservoir hosts for Le. panamensis and Le. guyanensis and also 

carry many other trypanosomatid infections in the skin and viscera. These 

animals are fairly solitary and have a small home range of less than 2 ha. They 

spend most of their time in the canopy moving from tree to tree were they feed 

on the foliage and only descend every few days to defecate (Ashford, 1996). 

Their inactivity, in the canopy, leaves them easily exposed to the sand fly bites 

and as their home ranges are small re-infection can easily occur. 

MCL caused by Le. braziliensis does not have a well defined transmission 

cycle. This species has the widest geographical distribution of the American CL 

parasites and is found in Argentina, Brazil, Colombia, Ecuador, Paraguay, Peru, 

Venezuela, Belize, Guatemala, Nicaragua, Costa Rica, Honduras, Panama and 

Mexico. The reservoir has been difficult to define because it covers such a wide 

range of environments, with many different potential reservoirs and vectors. 

Mammals that have been found infected with Le. braziliensis include 

carnivores, rodents, marsupials and perissodactyls (tapirs and equines) 

(Brandao-Filho et al., 2003, Gramiccia and Gradoni, 2005, Schallig et al., 

2007). The disease shows a close association with areas of deforestation and 

agricultural expansion. 

 

1.6.3. Incriminating a reservoir 

The difficulty in establishing the primary reservoir of Leishmania in a given 

location can be due to the fact that many different animals can be infected. 

Identification of an infected animal does not imply that the species plays a role 

in the lifecycle, as it may be a secondary or accidental/liaison host. Other 

factors need to be addressed, such as the abundance and behaviour of the 
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animal, prevalence of infection, proximity to the vector and contact with human 

populations.  

Similar methods to those used in vector studies are used to incriminate 

reservoirs. These methods include direct culture or PCR detection from infected 

skin, lesions, viscera or blood. Direct culture is preferable as it shows parasites 

are viable for transmission, whereas PCR only detects the DNA which is some 

cases may be from very low paratiemia or dead organisms. Xenodiagnosis for 

vector identification can also be used for reservoir studies as it essentially 

shows that an animal has sufficient numbers of parasites to pass on infection to 

the vector. Maroli et al (2007) demonstrated that a cat chronically infected with 

Le. infantum could easily transmit to the vector P. perniciosus found in 

Southern Europe. Although leishmaniasis in cats has been observed for a long 

time, they have never been considered as important reservoirs, with dogs being 

the primary reservoir species. Xenodiagnosis can be done in the field using wild 

caught animals provided facilities are available to keep sand flies alive to 

monitor infection.  

To demonstrate exposure to the parasite by detection of anti-Leishmania 

antibodies, serology can be used to complement Leishmania detection in the 

reservoir incrimination. Methods used will be detailed in section 3.1. Serology 

can also be used to show a close association between the reservoir and the 

vector by testing the animal for antibody responses to sand fly salivary 

antigens. Sand fly bloodmeal analysis can also show feeding preferences for 

sand flies in a given focus, which can help to establish whether a potential 

reservoir interacted with the vector long enough to allow transmission. The 

methods used for bloodmeal analysis will be discussed in section 5.1. 

In summary, the lifecycle of Leishmania is a complex biological system. The 

parasite is found worldwide and is carried by many different mammalian 

species in a variety of habitats. Each location or microhabitat for Leishmania is 

slightly different and the reservoir in one location may not be the same in 

another. 
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1.7. NEW AND EMERGING VECTOR-BORNE DISEASE  

1.7.1. Background  

If we consider wildlife parasitic zoonoses, an emerging infection or disease can 

be defined as an increased incidence of human infection or disease associated 

with a parasite. Possible scenarios for this occurring include: 

i) a new parasite of wildlife;  

ii)  a new casual association between human infection/disease and a 

parasite; 

iii)  a new route of transmission to humans and 

iv) a new geographic location for human infection/disease. 

Re-emerging infection or disease occurs when there is an increased incidence of 

cases when previously there was a period of reduced incidence (Polley, 2005). 

We can define Australian Leishmania as emerging due to newly identified 

parasite infecting and causing disease in captive wildlife. However this is an 

unusual situation as it involves a parasite not yet known to infect humans, 

essentially yet to be identified as a zoonosis.  

Emerging infectious and re-emerging infectious diseases are a global problem 

with significant effects on economies and public health. A recent analysis of 

emerging infectious disease events helps to define the significance of vector-

borne diseases. Jones et al. (2008) report the results of a comprehensive 

database analysis of all emerging infectious disease events from 1940-2004. 

The authors controlled for reporting bias such as increased monitoring, 

detection and surveillance of disease. Their analysis showed that 54.3% of 

emerging infectious disease events are caused by bacteria or rickettsia, viral or 

prion pathogens 25.4%, 10.7% by protozoa, 6.3% by fungi and 3.3% by 

helminths. Zoonotic pathogens accounted for 60.3% of events and 70.8% of 
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these arise from wildlife. Vector-borne diseases accounted for 22.8% of events; 

a figure which appears to be rising (28.8%, for 1994-2004). 

The ecology and epidemiology of vector-borne diseases can be conceptualised 

as a ‘disease triangle’ (Figure 1.7), the corners of which are represented by the 

host; pathogen and environment. The relationships between these three factors 

depend on the sensitivity of each factor and the rate of exposure to other factors 

(Harrus and Baneth, 2005, Sutherst, 2004). 

 

Figure 1.7: A host-pathogen-vector-environment framework. 

Used for the assessment of risks to humans from vector-borne diseases under 
global change. Reproduced from Harrus & Baneth (2005) and Sutherst (2004). 

 

Recently, there have been some interesting cases of emergence of Leishmania 

infection. One is the identification of a possible new species of Leishmania 

isolated from patients with CL in the Ho district of Eastern Ghana in 2006 and 

2007. Infections were diagnosed as Leishmania by real-time PCR, but they 

were unable to identify the species responsible. Sequencing of the small subunit 

rRNA and intergenic spacer region 1 (ITS1) regions revealed that it was a novel 

species. Interestingly, phylogenetic analysis of the ITS1 region with other 
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known Leishmania spp. sequences found that it formed its own grouping with 

the Australian Leishmania ITS1 sequence found on Genbank (Villinski et al., 

2008). Investigations into the vector and reservoir are currently underway. In 

Ghana CL is typically caused by Le. major and is associated with the northern 

arid Sahel savannah regions where P. duboscqi is the vector and rodents are 

suspected reservoirs (Ashford, 2000). These new CL cases where found near 

humid, semi-deciduous forest, suggesting that a different reservoir and vector 

are involved (Villinski et al., 2008). 

CL in Sri Lanka is an example of emergence of a known species in an entirely 

new location and manifestation. Greater than 400 new cases of CL were 

reported for the period 2001-2007. The causative species was identified as Le. 

donovani, normally responsible for causing VL. Transmission of Le. donovani 

traditionally occurs from human to human without any known reservoir host. 

All patients seen with CL in Sri Lanka are from rural areas closely associated 

with scrub jungles, so a non-human reservoir is possibly involved. One study 

investigated dogs and rodents as potential reservoirs. Only 2/151 dogs and no 

rodents were found to be infected despite observations of lesions on the tails of 

the latter. Epidemiological studies into the reservoir and vector are ongoing, as 

are studies into why CL rather than VL is being seen in this situation 

(Siriwardana et al., 2007, Katakura, 2009). 

The three major factors in the disease triangle, i.e., pathogens, hosts and the 

environment, can all be influenced by drivers or risk factors for emergence and 

re-emergence of infection or disease. Harrus et al. (2005) listed these as habitat 

changes, atmospheric and climate changes, natural vector movement by wind 

and birds, drug and insecticide resistance, increased trade and travel, war and 

civil unrest, HIV and immunosuppression, pollution, and finally global and 

local management failure.  
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1.7.2. Risk factors for the emergence of leishmania sis 

The major risk factors for the emergence of leishmaniasis, like many emerging 

zoonotic diseases, are man made. They include migration, deforestation and 

agricultural expansion and urbanisation.  

War results in the movement of both civilians and military personal. A well 

documented example is an outbreak of CL caused by Le. major which occurred 

in Iraq during the “Operation Iraqi Freedom”. Military personnel at Tallil Air 

Base were particularly susceptible to the bites of P. papatasi, with reports of 

greater than 1000 bites per night in some individuals. The numbers of CL cases 

for military personnel in since the beginning of the war Iraq were estimated  

between 1500 and 2000 as of January 2006. Potential reservoirs at the air base 

included dogs, jackals, foxes and small rodents. Only one positive infection was 

shown in an unidentified species of mouse among 34 mice tested. Extensive 

culling of dogs failed to provide any evidence of Leishmania infection. A 

variety of other potential rodent mammalian reservoirs of Leishmania parasites 

were collected, including 12 long-eared hedgehogs, (Hemiechinus auritus); 11 

jirds (Meriones spp.); gerbils (Rhombomys spp.); and 11 fat sand rats. No 

infections were found. Gerbils and fat sand rats can be reservoirs for 

Leishmania and appear to be the most likely candidates (Coleman et al., 2006).  

Mass migration of refugees as a result of war can result in populations moving 

to Leishmania endemic zones. The malnutrition, lack of access to diagnosis and 

treatment associated with migration can result in epidemics. A well known 

example is the VL epidemic which occurred as a result of Sudanese civil war of 

the 1980’s. It was estimated that 30-40,000 people died in this epidemic (Shaw, 

2007). Mortality may have been grossly underestimated due to the conflict at 

the time.  

Urbanisation results in habitat changes for both vectors and reservoirs. 

Deforestation and suburban development in Brazil has often encroached on 

Leishmania lifecycles resulting in exposure to accidental hosts and zoonotic 

transmission. For example in the city of Manaus, Amazonas State, Brazil the 
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newly urbanised areas on the outskirts of the city close to primary forest has 

brought people in contact with the Le. guyanensis lifecycle. Epidemiological 

data suggests a clear association between the risk of transmission to humans 

and the proximity of the forest (Desjeux, 2001). There are also scenarios of 

complete habitat destruction and parasites adapting to new hosts. An example 

of this is Le. peruviana which causes CL in the Peruvian Andes. Traditionally 

this was a sylvatic zoonosis but the desertification of some areas removed the 

natural host and the disease is now restricted to humans and dogs and 

transmitted only in peridomestic environments (Ashford, 2000). 

The construction of a large dam in Sidi Saad, central Tunisia resulted in an 

increase in gerbils, the reservoir for Le. major. This was due to irrigation and 

the production of the gerbils main plant food source Atriplex (grazing of sheep). 

This gerbil population increase was later followed by an epidemic of CL 

(Desjeux, 2001).  

Globalisation and the increase of business and recreational travel has resulted in 

more people going to endemic areas, becoming infected, and returning home in 

short time periods. Increased numbers of leishmaniasis cases have been 

reported in travellers worldwide, including Australia (Antinori et al., 2005, 

Stark et al., 2008).  

Immunosuppression is another driver for the increase in incidence of 

leishmaniasis in southern Europe. Initially zoonotic VL caused by Le. infantum 

was only seen in rural areas but is now spreading into more suburban areas. 

Increased numbers of cases have been seen in countries such as France, Italy, 

Spain and Portugal where the disease was previously rare. This increase is due 

to HIV/Leishmania co-infection and the immunosuppression associated with 

the virus leaving patients more susceptible to disease. The increased 

transmission is highest among drug addicts and it is suggested the use of 

contaminated syringes may be the main route of transmission (Desjeux and 

Alvar, 2003, Molina et al., 2003). Immunosuppression can also change the 

clinical outcome of infection with different Leishmania spp. For example, HIV 



     

   34

patients infected with Le. braziliensis present with exacerbated visceral disease, 

rather than the initial CL (Shaw, 2007). 

 

1.7.3. New reports of leishmaniasis in South-east A sia 

Although leishmaniasis has not been considered a public health problem in 

south east Asia, there are have been recent reports of human VL and CL in 

countries of the region.  

In 1999 46 cases of CL were reported by the International Force for East Timor 

during its deployment for the conflicts in Timor-Leste. These infections were 

diagnosed by microscopic examination of skin lesions. Lesion development 

was observed over 1-3 months, but the causative agent was not determined and 

there appears to have been no further investigations on these reports or on the 

aetiology of the disease (Chevalier et al., 2000).  

In 2006 the third known case of autochthonous VL in Thailand was diagnosed 

by microscopic examination of bone marrow smears, PCR and direct 

agglutination test. The causative species is considered to be possibly a new 

species of Leishmania, as determined by sequence analysis of the small subunit 

rRNA ITS1 and miniexon genes. Some epidemiological surveys have been 

conducted to determine the reservoir and vector. Antibody responses in eight 

cats were shown but there was no confirmation of active infection. Vector 

studies showed there were species of Phlebotomus present in the originating 

area although infection studies were not done (Sukmee et al., 2008).  

In 2002, three cases of VL were reported in Vietnam as a HIV co-infection 

although there was no confirmation of the causative species (Keenihan et al., 

2002). An epidemiological survey of antibody in dogs from the area suggests 

they are not the reservoirs for Leishmania transmission (Rosypal et al., 2009).  

In Taiwan there have also been sporadic reports of CL, confirmed using 

microscopic examination, PCR and antibody tests. The causative species was 
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identified as Le. major. The potential vector and reservoirs for these cases are 

again unknown (Lee et al., 2009, Wang et al., 2008). 

 

1.7.4. The role of biodiversity 

Anthropogenic change is an important driver for emergence and re-emergence 

of disease through habitat destruction and over population, which may result in 

loss of biodiversity. The existence of permissive vectors and a sexual cycle in 

Leishmania helps to explain why this species lifecycle is capable of adaptation 

when put under environmental stress. 

Daszak et al. (2000) discussed the concept of ‘pathogen pollution’ and the loss 

of biodiversity when diseases are introduced in naïve populations. He suggests 

that pathogen pollution poses a substantial threat to global biodiversity, 

referring particularly to threats of exotic introductions on wildlife health. The 

best example is the amphibian chytridiomycosis. Found in frogs, the disease is 

caused by the fungus Batrachochytrium dendrobatidis. Globally, 

chytridiomycosis has resulted in mass elimination of frog populations. It is 

estimated that the disease is found in 15% of non-endangered amphibian 

populations and 60% of endangered species. Approximately 200 species of frog 

are believed to have declined or become extinct due to the spread of the fungus 

(Daszak et al., 2003, Skerratt et al., 2007). 

An alternative view is that increases in emerging infectious disease is a direct 

result (rather than cause) of loss of biodiversity. Ashford (2007) suggests that 

emerging infectious disease is the environment’s attempt to fight back against 

increased population pressure on landscapes and the introduced animals and 

pests associated with it. These animals include rats, cows, dogs and sparrows or 

(from Australia’s perspective) introductions of cane toads, foxes and rabbits. 

Ashford provides examples such as VL in Sudan which prevents people 

entering the Dinder National Park during the transmission season and African 

sleeping sickness, which prevents the complete desertification of east Africa by 

cattle as a disease stabilizing factor. Whichever way emerging infectious 
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disease is viewed, it is becoming increasingly clear that human health, wildlife 

health and biodiversity are intricately linked. Perhaps all our efforts for disease 

control or prevention should be centred on preserving biodiversity, especially in 

relatively intact and highly diverse areas such as the tropical ‘Top End’ of 

Australia. 

 

 

1.8. AUSTRALIA , LEISHMANIA AND PROJECT OUTLINE  

The discovery of CL in red kangaroos in the ‘Top End’ region of the Northern 

Territory (NT) was completely unexpected and was the first and only report of 

autochthonous Leishmania infection in Australia. CL was diagnosed in 11 red 

kangaroos, 10 were located at the Territory Wildlife Park (TWP), a nature park 

in the Darwin rural area approximately 40 km south of Darwin. The remaining 

unrelated red kangaroo was from another location approximately 30 km away. 

The animals had chronic, sometimes self-resolving skin lesions on the ears, tails 

and limbs (Figure 1.8). Diagnosis was made by histopathologic examination of 

skin lesions, isolation of parasites from skin lesions (culture) and sequence 

analysis. Sequence analysis of the small subunit rRNA, ITS1, miniexon, fatty 

acid dehydrogenase and the glucose-3-phosphate dehydrogenase genes was 

suggestive that the red kangaroo Leishmania was an undescribed species (Rose 

et al., 2004). 

 

 



   

   37

 

Figure 1.8: Red kangaroo skin lesions. 

A) Ulcerative tail lesion and, B) thickened nodular lesion on the ear.  
Figure adapted from Rose et al. (2004). 
 
The presence of two major surface macromolecules of Leishmania parasites, 

LPGs and proteophosphoglycans on the promastigote surface, was 

demonstrated using specific antibodies. In vivo inoculation of Australian 

Leishmania into BALB/c mice was attempted but was not successful. In vitro 

mouse peritoneal macrophage infectivity studies were also conducted, which 

showed higher infection rates at 33°C compared to 37°C (Rose et al., 2004). 

This may be related to a predominance of lesions seen on the extremities of red 

kangaroos with lower temperatures.  

The finding of Leishmania in Australia highlights two important points. Firstly, 

it displays there is a vector capable of transmission, or possibly there is 

horizontal transmission between animals. An unlikely scenario given we are 

investigating CL, in which such a route for transmission, has never been 

reported. Secondly, it also shows Australia has animals susceptible to 

Leishmania infection, which could potentially be susceptible to an exotic 

Leishmania spp. In fact, the susceptablilty of Australian marsupials to exotic 

Leishmania was studied in 1948. The study carried out in Sydney, performed 

artificial infections of Le. donovani into common brushtail possum 

(Trichosurus vulpecula) and ring-tailed possum (Pseudocheirus laniginosus). 

Of 25 artificial infections, at least 23 of the animals became infected and length 

of time to death varied from 81-704 days. The authors stated that these 

Australian marsupials are highly susceptible to experimental infection and it 
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should not be overlooked that Australian marsupials could behave as an animal 

reservoir for Leishmania (Bolliger and Backhouse, 1948) 

The research described in this thesis stems from the exciting and unexpected 

discovery of Leishmania in Australia. The two major aims of the Australian 

Leishmania lifecycle investigation are; 

1) to identify the potential reservoir host(s) of Australian Leishmania, and, 

2) to incriminate the vector of Australian Leishmania. 

The hypothesis - that the reservoir of Australian Leishmania is a local species 

of macropod found at the TWP and the vector of the Australian Leishmania is a 

phlebotomine sand fly. 

Key outcomes from this thesis will help to determine the risk Leishmania poses 

to Australia and the potential risk that an exotic introduction of this parasite 

could become endemic. 

 

 

1.9. ECOLOGICAL DESCRIPTION OF THE DARWIN RURAL 

AREA  

Australian Leishmania was discovered in the Darwin rural area of the NT, 

Australia. For the purpose of this study the Darwin rural area can be classified 

as anywhere within a 40 km radius of Darwin airport. Darwin and the Darwin 

rural area covers the entire Darwin Harbour catchment which can be divided 

into the four sub-catchments Howard River, Elizabeth River, Blackmore River 

and the minor creeks and streams of the West Arm and Woods Inlet (Figure 

1.9). Areas in northern Australia that lie between 0-150 m above sea level and 

extend 100-200 km inland from the coast are known as the monsoonal lowlands 

(Haynes et al., 1991). Monsoonal lowlands are characterised by a distinct ‘dry’ 

season (April–October) and a ‘wet’ season (November–March). The average 

annual rainfall at Darwin airport is 1700 mm and the mean monthly rainfall 
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ranges from 410 mm in January to less than 5 mm in the months of June, July 

and August (Haig and Townsend, 2003). Year round minimum and maximum 

temperature averages range from 23°C to 32°C on the coast and 22°C to 34°C 

for inland areas (Haynes et al., 1991). A major factor that affects the landscape 

in the monsoonal lowlands is fire. Throughout the dry season fire is a frequent 

event and clears out overgrown vegetation produced during the wet season. 

The monsoonal lowlands have extremely diverse land systems and habitat 

types, which can be divided into five categories: 

1) Coastal sands and tidal mudflats (saline wetlands), 

2) Coastal flood plains (freshwater wetlands), 

3) Sub-coastal well-drained lowlands, 

4) Rocky substrates, mainly sandstone plateau outliers, 

5) Various niches, generally fireproof within the above habitats with 

pockets of monsoon forest and rainforest (Haynes et al., 1991). 

Most of the Darwin rural area fits into category three known as “open savanna 

woodlands and woodlands”. Open savanna is dominated by Darwin woollybutt 

(Eucalyptus miniata), stringybark (E. tetrodonta) and a sorghum grassland 

understory. Woodland areas again feature woollybutt and stringybark, along 

with Smooth-stemmed bloodwood (Corymbia  bleeseri) and Sorghum. There 

are also large areas of mangroves and samphire and smaller areas of monsoonal 

vine forest (Woodward et al., 2008).  

The vertebrate fauna of the monsoonal lowlands is complex with a rich 

diversity of birds, fish, amphibians, reptiles and mammals which varies 

according to habitat. The open savanna woodlands are richest in the terrestrial 

species of reptiles, birds and mammals (Haynes et al., 1991). 
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Figure 1.9: Catchments of the Darwin Harbour region. 

Darwin and rural Darwin are located in the Darwin harbour catchment. The 
yellow stars mark the approximate location of the TWP and the unrelated red 
kangaroo with CL. Figure adapted from (Haig and Townsend, 2003). 

 

Characteristic terrestrial vertebrate species found in open savanna woodlands 

include the frilled lizard (Chlamydosaurus kingii), the tree monitors (Varanus 

tristis and V. scalaris), fawn antechinus (Antechinus bellus), black-footed tree-

rat (Mesembriomys gouldii), antilopine wallaroo, red-tailed black-cockatoo 

(Calyptorhynchus banksii), northern rosella (Platycercus venustus), partridge 

pigeon (Geophaps smithii) and the black-tailed treecreeper (Climacteris 
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melanura). The floodplains also provide an important habitat for many other 

species, reptiles and amphibians such as death adders (Acanthophis 

praelongus), the large goanna (Varanus panoptes), crocodiles (Crocodylus 

porosus), long-necked turtles (Chelodina spp.), many frog species, marsupials 

such as the common planigale (Planigale maculate); and birds such as the 

brolga (Grus rubicundus), pratincoles and many waders (shorebirds) 

(Woinarski, 2009). 

Exotic introductions of feral animals such as buffalo (Bubalus bubalis) and pigs 

(Sus scrofa) have drastically affected the monsoonal lowlands across northern 

Australia. In addition, the recent march of the introduced cane toad (Bufus 

marinus) westwards from Queensland has had an adverse affect on local fauna. 

Nevertheless the ‘Top End’ of the NT remains (for now) one of the most 

diverse and relatively intact ecological systems the world. 

 

 

1.10. CONTRIBUTIONS TO THIS THESIS 

I have conducted the work presented in this thesis unless otherwise stated in the 

methodology. In the final year of research, casual field/laboratory assistants 

were employed to assist with day-feeding midge collections and DNA 

extractions. 
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2. ONGOING CASES OF CUTANEOUS LEISHMANIASIS 

IN MACROPODS FROM THE NORTHERN 

TERRITORY 

 

2.1. INTRODUCTION 

Since the initial discovery of CL in introduced captive red kangaroos at the 

TWP, all members of this species in the park have shown symptoms of the 

disease. Red kangaroos are not native to the coastal monsoonal lowlands and 

are poorly adapted to the humid tropical environment. For this reason, animals 

euthanased due to old age, leishmaniasis or other conditions are no longer 

replaced by TWP authorities. When this investigation began in July 2006, there 

was only one red kangaroo remaining on the park in the ‘Woollybutts’ 

enclosure. This animal (an adult female) was euthanased in September 2006 

due to age-related health problems. At the time of death the kangaroo had mild 

symptoms of leishmaniasis, importantly indicating that Leishmania 

transmission was still occurring. As previously mentioned in section 1.8, the 

TWP is a nature park located in the Darwin rural area approximately 40 km 

south of Darwin. It houses captive animals found both locally and across the 

‘Top End’ of the NT. Specially, other macropods present at the park include 

agile wallabies (M. agilis), antilopine wallaroos (M. antilopinus), northern 

wallaroos (M. robustus woodwardii), black wallaroo (M. beranrdus) and 

northern nail-tail wallabies (Onychogalea unguifera). The park itself will be 

detailed in section 4.2.1. 

There have been no reports of human infection with Australian Leishmania. 

However the majority of well-characterised Leishmania species do infect 

humans, although this probably reflects a bias due to the public health 

significance of human parasites. There are numerous other incidental 

discoveries of non-human infecting Leishmania spp. such as those from the 
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Neotropics. Examples include, Le. (L.)  enrietti (hamster/wild host unknown), 

Le. (L.) hertigi (porcupine), Le. (L.) deanei (porcupine), Le. (L.) aristidesi 

(rodents), Le. (L.) forattini (opossum), Le. (V) equatorensis (sloth, squirrel) and 

Le. herreri (soth) (Lainson, 1997). 

Related non-human infecting species also include members of the subgenus 

Sauroleishmania, which infect reptiles rather than mammals, i.e., Sa. 

hoogstraali, Sa. tarentolae, Sa. adleri and Sa. gymnodactyli. These are now 

thought to have evolved from the mammal-infecting species and there has been 

some discussion about whether they in fact should be assigned to there own 

genus (Croan et al., 1997, Noyes et al., 1998).  

Non-human infecting Leishmania species are not a priority for research, but as 

the areas in which they occur undergo deforestation and biodiversity loss due to 

increasing human populations and urbanisation, they may cross the species 

barrier. Furthermore the assumption that these species cannot infect man is not 

always based on the results of either surveillance or experimental inoculations. 

In this chapter we describe ongoing cases of CL seen in macropods at the TWP 

caused by the non-human infecting Australian Leishmania. The techniques used 

for diagnosis, including Leishmania culture, cytology, histology, serology and 

real-time PCR detection of Leishmania DNA within host tissues are detailed. 

Sequencing of the miniexon and RNA polymerase subunit II genes was carried 

out to confirm Leishmania species. Evolutionary comparisons using these 

sequences of NT isolates have led to some interesting insights into the 

evolutionary position of Australian Leishmania relative to other species within 

the genus. 
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2.2. METHODS 

2.2.1. Ethical approval 

Ethical approval for this study was obtained from the Charles Darwin 

University Animal Ethics Committee (Ref. A04027). Animals approved for 

sample collection included reptiles, small mammals, bats, wallabies, wallaroos, 

possums, quolls, bandicoots, mice and rabbits. All work involving genetic 

manipulation was approved by the Office of the Gene Technology Regulator. 

 

2.2.2. Sample collection and storage 

Samples of blood and tissue were collected from macropods showing skin 

lesions consistent with those caused by Leishmania. This was done either by 

manual restraint (blood only) or anaesthesia was performed by a veterinarian 

via remote injection (blood and lesion tissue). Samples from the spleen, lymph 

node, liver and kidney were also collected from animals being euthanased for 

other reasons.  

Blood samples were collected into serum BD vacutainers® (Becton, Dickson 

and Company, Franklin Lakes, NJ, USA) and stored on ice for transport to the 

Menzies School of Health Research (Menzies) laboratory. The blood samples 

were centrifuged for 10 min at 2000 rpm. Aliquots of serum were stored at -

20°C.  

Tissue samples collected for DNA preservation were immersed in 70% ethanol 

and stored at 4°C. Tissues samples collected for histopathologic examination 

were preserved in 10% formalin and stored at room temperature.  

For Leishmania culture, lesions were prepared by thoroughly cleaning the area 

with iodine and 70% ethanol to prevent culture contamination. The lesions, 

spleen and lymph nodes were aseptically collected and put into either the liquid 

component of Novy-MacNeal-Nicolle (NNN) medium or Super NNN solution 

(below) and stored on ice for transport to Menzies for culture preparation.  
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2.2.3. Leishmania culture 

A biphasic NNN culture medium was used to culture Leishmania promastigotes 

(Nicolle, 1908). The liquid component contained 10% heat inactivated foetal 

bovine serum (Gibco®, Invitrogen Australia Pty Limited, Mulgrave, SA, 

Australia), 100 µg/mL penicillin-streptomycin, 250 µg/mL gentamicin, 2.5 

µg/mL hemin, 2.4 µg/mL biopterin  (Sigma-Aldrich Pty. Ltd, Sydney, NSW, 

Australia) in M199 culture medium (Gibco®). The solid agar contained 2.5% 

Difco™ minimal agar Davis (Becton, Dickson and Company), 1% peptone 

(Oxoid Australia Pty Ltd, Adelaide, SA, Australia), 0.3% Bovril (Unilever Best 

UK, Crawley, UK), 0.5% NaCl and 10% defribrinated rabbit blood (IMVS 

Veterinary Services Division, Gilles Plains, Australia).  

A super M199 culture medium containing twice the concentration of foetal 

bovine serum, hemin and biopterin was also used to initially collect lesion 

samples to provide extra nutrients. After transport to the laboratory, tissue was 

then transferred to biphasic NNN culture medium. 

Tissue samples were placed in 50 mL flasks containing the biphasic NNN 

culture medium and incubated at 26°C (7 mL solid agar/10 mL M199 culture 

medium). Cultures were checked every 2-3 days for stationary phase growth 

and passaged as necessary. If no viable organisms could be detected by day 7 

then cultures were discarded. During passage, 9 mL of culture was removed 

and centrifuged for 10 min at 2000 rpm, the pellet was washed 3 times with 1 x 

phosphate buffered saline (PBS) and resuspended in 1 mL of 1 x PBS. Cells 

were counted using a haemocytometer and then stored at -20°C for future use. 

Unwashed pelleted cultures were stored down in liquid nitrogen in 10% 

dimethyl sulfoxide (Sigma-Aldrich) and 10% foetal bovine serum. The 

remaining 1 mL culture was diluted to 10 mL using M199 culture medium for 

continuing culture. 
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2.2.4. Preparation of soluble Leishmania antigen and mouse anti-

Leishmania IgG production  

The soluble Leishmania antigen (SLA) was prepared using 1 mL of 1 x 108/mL 

of promastigotes. The 1 mL washed culture was freeze-thawed five times by 

freezing on dry ice or at -80°C and thawing in a 37°C water bath. After the final 

thawing the solution was centrifuged for 10 min at 2000 rpm, after which the 

supernatant was collected and 100 µL aliquots were stored at -80°C.  

SLA was used for ELISA or sent to the Institute of Medical and Veterinary 

Science, Adelaide for polyclonal antibody production in mice.  

 

2.2.5. Indirect ELISA to detect antibodies against Australian 

Leishmania using anti-kangaroo IgG  

The anti-kangaroo IgG ELISA was set up as follows; SLA was coated to a 96 

well plate at a 1/200 dilution in 50 mM carbonate buffer at pH 9.6 and left 

overnight at 4°C. Plates were washed three times with 0.05% Tween 20 in 1 x 

PBS and then dried at 37°C for 15 min. Antigen-coated plates were then sealed 

in plastic wrap and stored at 4°C until use. The plate was then blocked with 

blocking buffer (3% bovine serum albumin (BSA) /0.05% Tween 20 in 1 x 

PBS) (Sigma-Aldrich) for 1 hr at 37°C. The primary (serum), secondary (rabbit 

anti-kangaroo IgG) and tertiary (anti-rabbit IgG) antibody were diluted using 

blocking buffer and the incubation period was for 1 hr at 37°C. Serum was 

applied at a 1/600 dilution. Bound serum IgG was then detected using rabbit 

anti-kangaroo IgG (Bethyl Laboratories, Inc., Montgomery, USA) at a dilution 

of 1/20 000, the bound rabbit IgG detected using anti-rabbit IgG conjugated to 

horse radish peroxidase (Promega, Alexandria, NSW, Australia) using a 

dilution of 1/4000. Plates were washed 3 times with 0.05% Tween 20 in 1 x 

PBS between each binding step and 4 times before detection. Anti-rabbit IgG 

binding was detected using 3,3’,5,5’ tetramethylbenzidine substrate for ELISA 

(Sigma-Aldrich). The reaction was stoped with 1 M HCl after 5 min and 
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absorbance was measured at 450 nm using the BIO-RAD microplate reader 

(model 680). 

Each plate contained seven control sera to standardise for plate-to-plate assay 

variation. The positive controls were from confirmed cases of CL in a red 

kangaroo and a northern wallaroo and Protein A ELISA positive serum from an 

agile wallaby, a northern nail-tail wallaby  and an antilopine wallaroo located at 

the TWP (Dougall et al., 2009). Negative control serum were from a common 

wallaroo (M. robustus) and an agile wallaby originating from Taronga Zoo, 

Sydney, New South Wales and kindly supplied by Dr. Karrie Rose.  

A sample-to-positive ratio (S:P ratio) was used to analyse kangaroo IgG results. 

Positive samples from each animal species were used to normalise the raw 

absorbance for each unknown sample of the same species from the same plate.  

 

2.2.6. Histology and Cytology 

All histological and cytological preparation was carried out by Berrimah 

Veterinary Laboratories (BVL), NT Government. Impression smears were 

prepared from lesion tissue by dabbing cut lesion tissue onto a microslide and 

staining for amastigotes using Diff-quik® stain. Histological preparations of the 

affected skin from the northern wallaroos were prepared using standard 

methodology for formalin fixed specimens and 5 µm thick sections were 

stained with haematoxylin and eosin. 

 

2.2.7. Immunohistochemistry  

The polyclonal mouse anti-Leishmania antibody raised against Australian SLA 

(section 2.2.4) was used in an immunohistochemistry detection assay. The BVL 

provided cut slides to test and optimise the immunohistochemistry method. 

These slides included positive control lesions from northern wallaroos (ID: 

2007/1139 and 2007/1233) and slides to test for antibody cross reactivity. Cross 

reactivity slides included nodular skin from antilopine wallaroo consistent with 



     

   48

early stages of viral papilloma (ID: 2007/1284), agile wallaby dermal 

inflammation from sarcoptic mange (ID: 2008/1263), spectacled hare wallaby 

(Lagorcheses conspicillatus) with toxoplasmosis (ID: 2004/0924), agile 

wallaby with intestinal coccidiosis (ID: 2005/0548) and tissue from a 

barramundi fish (Lates calcarifer) with trypanosomiasis. 

Slides were de-waxed for immunohistochemistry by rinsing twice in a histolene 

bath for 5 min, an absolute ethanol bath for 2 min and then a 95% ethanol bath 

for 2 min. Endogenous peroxidase activity was blocked using 3% H2O 2/1% 

BSA in 1 x PBS for 20 min. Slides were then blocked using 10% goat serum 

(Sigma-Aldrich)/1% BSA in PBS for 1 h. Mouse anti-Leishmania antibody was 

bound to tissue sections at a 1/2500 dilution for 30 min. Slides were washed 

between binding steps using 0.05% Tween 20 in 1 x PBS. Detection of 

antibody binding was carried out using the EnVision®+ Dual Link System-HRP 

(DakoCytomation Inc, Capinteria, California, USA) as per the manufacturer’s 

specifications using 3 min incubation in the substrate-chromogen. These slides 

were then counterstained with haematoxylin for high power microscopic 

examination. 

 

2.2.8. DNA extraction 

DNA extraction on tissue including skin lesions, spleen, lymph node, kidney 

and liver was carried out using the Qiagen DNeasy® Blood & Tissue Kit 

(Qiagen, Doncaster, VIC, Australia) following the manufacturers protocol for 

the purification from animal tissues. Up to 25 mg of tissue was used for each 

extraction. DNA was eluted by using a final volume of 200 µL AE buffer 

(Qiagen), which was run through the column twice. This resulted in a final 

elution volume of 180-200 µL.  

The Wizard® Genomic DNA Purification Kit (Promega) was also used for a 

limited number of tissue DNA extractions following the manufacturer’s 

protocol. DNA was eluted using 200 µL DNase free water provided in the kit, 

which was run through the column twice as in Qiagen DNA extractions. 
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DNA extractions from cultured Leishmania promastigotes were also prepared 

using the DNeasy® kit. After washing cultured cells three times in 1 x PBS, 

DNA was extracted from 200 µL of culture using the cultured cells protocol 

(starting at step 1c) and eluted in volume of 200 µL of AE buffer.  

The DNA extraction concentration and purity was measured using the 

GeneQuant Pro™ spectrophotometer. 

 

2.2.9. Australian Leishmania real-time PCR 

The miniexon gene of Leishmania was chosen as a target to detect Leishmania 

genomic DNA in tissue samples. This Kinetoplastid specific gene is known to 

be involved in transplicing processes of nuclear mRNA and is present in 100-

200 tandemly repeated copies per genome (Fernandes et al., 1994, Marfurt et 

al., 2003a). A Taqman real-time PCR specific to the Australian Leishmania 

miniexon was developed for the detection method (Figure 2.1). The primers and 

probe were designed using the Genbank miniexon sequence (AY495831) of 

Australian Leishmania (Rose et al., 2004), with the assistance of the web based 

Primer3 software (Rozen and Skaletsky, 2000) (http://frodo.wi.mit.edu/cgi-

bin/primer3_www_cgi). The primers rooME-F2 5’-

AAACTTCCGGAACCTGTCGT-3’ and rooME-R2 5’-

GTAGGCACCCGAAGAGACC-3’ amplify a 100 bp product and the Taqman 

probe LeishME 5’d FAM-CCGGCAAGATTTTGGGAGCG-BHQ-1 3’ lies 

adjacent to the forward primer and is suppressed by the Black hole quencher 

(Biosearch Technologies Inc., Novato, USA).  
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Figure 2.1: ClustalW alignment of the 5’ end of the miniexon gene. 
 
The positions of the primers are shown in blue and the Taqman probe is shown 
in red. Genbank accession numbers are as follows, AY495831 (Australian 
Leishmania), X04378 (Le. enrietti), X69449 (Le. major), AY155508 (Le. 
mexicana), L05000 (Le. amazonensis), AY155503 (Le. infantum).    
 
 
The reverse primer (rooME-R2) is considered specific for Australian 

Leishmania sp. It is located in the variable non-transcribed region of the 

minexon gene and it does not match with other Leishmania species, therefore it 

is unlikely to bind (Figure 2.1).  

Reactions were carried out in duplicate using 1x InvitrogenTM Platinum® 

Quantitative PCR SuperMix-UDG (Invitrogen, Mount Waverly, Australia) 

using 0.3 µM of primers and 0.05 µM Taqman probe (Biosearch Technologies 

Inc., Novato, USA). MgCl2 was used at a final concentration of 6 mM with the 
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addition of 1 x Q-solution (Qiagen). DNA was mixed neat (2 µL) in 10 µL 

reactions in a designated room for PCR set-up to avoid potential PCR product 

contamination.  In addition, real-time PCR is a closed tube system thus 

avoiding potential laboratory contamination.  PCR cycling was 2 min at 50ºC, 2 

min at 95ºC followed by 35 cycles: 15 s at 95ºC and 40 s at 60°C acquiring to 

cycling A Green using the Rotor-Gene™ 2000 or 6000 (Corbett Life Science, 

Sydney, Australia).  

A standard curve was included in every run using Australian Leishmania 

genomic DNA derived from cultured Leishmania. This was made up of serial 

dilutions 10-1–10-6 in H2O. The standard curve was performed in each run to 

monitor inter-assay variations and to estimate the parasite numbers for positive 

samples. Figure 2.2 shows the standard curve from Leishmania genomic DNA 

at a starting concentration of 3.2 ng per reaction. Negative no template controls 

(dH2O) were also used in each run.  

 

 

 

Figure 2.2: Australian Leishmania genomic DNA real-time PCR standard 
curve. 

Rotor-Gene software standard curve based on known concentrations of 
genomic DNA in serial dilutions from 10-1 to   10 -6. The X-axis is the 
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concentration and the Y-axis is the cycle threshold (Ct). Inset shows the 
measures used for the calculation of reaction efficiency. 

 

Table 2.1: Estimates of Leishmania infection using real-time PCR. 

Parasite concentrations were calculated using the standard curve shown in 
Figure 2.2. 

Infection 

status 

Ct Range pg/reaction parasites/DNA extraction 

High ≤19 > 3.8 x 103 >3.5 x 105 

Medium >19-≤25 3.8 - 3.8 x 103 345 - 3.5 x 105 

Low >25-≤32 0.04 - 3.8 30 - 345 

   

 

2.2.10. Real-time data analysis 

The Rotor-Gene™ -Gene 6000 software version 1.7 (Corbett Life Science) was 

used to produce the standard curves and calculate reaction efficiency of each 

run. The fluorescent threshold for cycle threshold (Ct) determination was 

chosen at 0.05 of the normalised fluorescence. This point consistently lay 

within the exponential phase of amplification above the background 

fluorescence of negative template control. A cut-off for a positive infection was 

determined as being equivalent to 1 parasite per DNA extraction. The Ct value 

for this will vary depending on the standard curve, but usually was > 35.  

The real-time PCR is semi-quentitative and estimates for the numbers of 

parasites within a DNA extraction can be made. Numbers of parasites were 

calculated based on assumptions using the Le. major haploid genome. For a 

diploid genome, 33.6 Mb, which equates to 72.5 fg , plus another  ~15% 
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kinetoplast DNA (~10.9 fg) so that 1 parasite ~ 83.4 fg (Ranasinghe et al., 

2008, Smith et al., 2007). If one parasite is detected in 2 uL template DNA this 

will be equal to 80 -100 parasites per DNA extraction eluted in 180-200 µL. 

Infection status was graded as being high, medium or low (Table 2.1). Variable 

ploidy was not accounted for in these calculations. 

 

2.2.11. PCR, sequencing and analysis of the miniexo n and 

RNA polymerase II largest subunit gene  

The miniexon and RNA polymerase II largest subunit genes were employed for 

species confirmation of newly diagnosed cases of CL. The RNA polymerase II 

largest subunit gene was also utilised for phylogenetic analyses to determine 

evolutionary relationships of Australian Leishmania to other Leishmania 

species (Croan and Ellis, 1996, Croan et al., 1997).  

Published primers for the miniexon, Fme 5’-

TATTGGTATGCGAAACTTCCG-3’and Rme 5’-

ACAGAAACTGATACTTATATAGCG-3’ were used for amplification 

(Marfurt et al., 2003b). 1 µL of DNA, was used in a 25 µL reaction containing a 

final concentration of 1 x PCR buffer (Qiagen), 2 µM each primer, 6% DMSO 

and 1U of Taq polymerase (Qiagen). Thermocycling consisted of 35 cycles of 

95°C for 30 s, 52°C for 30 s and 72°C for 45 s, followed by a final extension of 

72°C for 2 min. This produced a 499 bp product for Australian Leishmania. 

The published primers RP0F1 5’-GACACAGCCGTCAAGAC-3’ and RP0R1 

5’-GCAGCCGCACAATGCGCT-3’ were used to amplify the RNA polymerase 

II large subunit gene (Croan et al., 1997). Buffer, primers and Taq polymerase 

concentrations were as per miniexon PCR without the addition of DMSO. 

Thermocycling was adjusted to 40 cycles of 95°C for 30 s, 56°C for 30 s and 

72°C for 1 min. This produced an approximate 1306 bp product from 

Leishmania species. 

No template control reactions were included in both PCR’s above to monitor 

for possible laboratory contamination. 



     

   54

PCR products were purified using the QIAquick® PCR purification kit. All 

samples were quantified prior to sequencing with the GeneQuant Pro™ 

spectrophotometer or by running small aliquots on agarose gels in comparison 

to the Generuler 100 bp ladder™ (MBI Fermentas, Paddington, NSW, 

Australia).  

Automated fluorescent sequencing was performed by Bioscience North 

Australia (Charles Darwin University, Darwin, NT, Australia) or by Macrogen 

Inc. (Seoul, Korea). Chromatograms were viewed and edited using ChromasPro 

software (www.technelysium.com.au/ChromasPro.html). Contigs were 

assembled using either DNASTAR® (Lasergene® v8.0, Madison, USA), 

BioEdit (Hall, 1999) or the ChromasPro software. Sequence matches were 

found by querying sequences against Genbank using BLASTn (Altschul et al., 

1990). 

 

2.2.12. Phylogenetic analysis 

Twenty-three sequences were downloaded from Genbank for evolutionary 

comparison of the Australian Leishmania RNA polymerase II large subunit 

gene (GenBank submission: 1373357). These were AF009153 (Le. adleri) , 

AF009154 (Le. amazonensis), AF009155 (Le. braziliensis), AF009156 (Le. 

deanei), AF009157 (Le. donovani), AF009158 (Endotrypanum monterogeii), 

AF009159 (Le. gymnodactyli), AF009160 (Le. herreri), AF009161 (Le. 

hertigi), AF009162 (Le. hoogstraali), AF009163 (Le. major), AF009164 (Le. 

mexicana), AF009165 (Le. panamensis), AF009166 (Le. tarentolae), 

AF009167 (Le. tropica), XM_00146758 (Le. infantum), AF151727 (Le. 

enriettii), AJ304947(Le. gerbilli), AJ304946 (Le. turanica), DQ383651 

(Leptomonas costaricensis), DQ383655 (Le. equatorensis), AF338253 (Lep. 

seymouri) and AF326982 (Leishmania sp. MHOM/MQ/92/MAR1).  

Sequences were trimmed down to the size of the shortest downloaded DNA 

sequence of 745 bp (AF326982) using the BioEdit software, and then aligned 

using clustalW (Thompson et al., 1994). The clustalW alignment based on the 
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DNA sequences containing indel was then imported into the MegAlignTM, an 

alignment program part of the DNASTAR® sequence analysis software 

(Lasergene® v8.0). A rooted phylogenetic tree was then made from the 

clustalW alignment methods in MegAlignTM. MegAlignTM uses distance 

matrices under the Kimura 2-parameter model to construct a neighbour joining 

tree. Bootstrapping was then performed to test the reliability (n = 1000) of tree 

branching. MEGA version 4 was used to view the phylogenetic tree image 

(Tamura et al., 2007). 
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2.3. RESULTS 

2.3.1. Symptoms of CL seen in northern wallaroos, a  black 

wallaroo and agile wallabies. 

Skin lesions suggestive of CL were observed in eight captive northern 

wallaroos. The appearance of symptoms was reported by staff in August-

September 2007 at the TWP. The animals had been in captivity for nine years 

before being diagnosed with CL. The lesions were located distally in areas 

concentrated on the tail, inner forearms, hind legs and ears. Grossly, lesions on 

the limbs and tail appeared as focal to coalescing 0.5-2cm diameter areas of 

thickened skin or raised variably encrusted or ulcerative pale nodules as shown 

in Figure 2.3A. On the ears, lesions primarily involved the distal margins of the 

pinnae, which were irregular in outline, mildly swollen and variably encrusted. 

The severity and number of lesions varied among the affected individuals. The 

symptoms for each animal are described in Table 2.2 and listed in order of 

decreasing severity. The methods for Leishmania detection are also listed. 

Interestingly, lesions in two animals were observed on the cloaca, evidence of 

mucosal infection. 

In March-April 2008 symptoms of CL were seen in one black wallaroo and two 

agile wallabies. The black wallaroo had been in captivity for four years before 

showing clinical signs of CL. The animal exhibited lesions on the ears similar 

to the appearance in the northern wallaroos. It had small nodular lesions around 

the eyes, again indicating possible mucosal involvement of the parasite. Small 

round variably-encrusted discolouration was also seen on the nose and inner 

forearms of the animal. Lesions on the ears, eyes and nose were visible from a 

distance (Figure 2.3A). 

There appears to be no association with the appearance of the lesions with 

season, age and sex. Lesions were seen both at the end of the dry season and in 

the monsoonal wet season, the age of animals varied and both male and females 

were diagnosed with CL. Information regarding the family relationships was 

not sort for the this study.  
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The agile wallabies had similar symptoms. In one animal the edges of the ears 

were thickened lumpy and alopecic (Figure 2.4B). Nodular lesions were also 

seen on the hind legs of this animal. The second wallaby appeared to have less 

severe symptoms, limited to the ears. Hair loss was slight with slight swelling 

along the edges. Small round pale dry flaky lesions were also visible. The 

animals were juveniles about 2 years of age and had been at the TWP for 

approximately 1 year. Lesions have subsequently healed in these agile 

wallabies. 



 

 

 

Figure 2.3: Northern wallaroo cutaneous leishmaniasis. 

A) Medial hock of a northern wallaroo depicting multiple smooth nodules (arrows) and one ulcerated and encrusted lesion 
(arrowhead), scale bar 1 cm. B) Impression smear from a northern wallaroo skin lesion depicting four infected macrophages among 
lymphocytes and cellular debris. Arrows point to three Leishmania amastigotes, each with round nucleus and single kidney shaped  
kinetoplast, scale bar 10 µm. C) Histological section of skin lesion from a northern wallaroo depicting marked deep dermal infiltration 
with macrophages resulting in expansion of the dermis and obliteration of normal dermal structures in the lower right portion of the 
figure, scale bar 200 µm.(Image - Cathy Shilton, BVL) 

A  B  C 



 

Table 2.2: Summary of northern wallaroo clinical samples.

Northern 
wallaroo 

Symptoms Culture Cytology Histology Real-time PCR Serology 

Adult ♀ 

ID: 373 

Small nodular lesions seen on 
tail, legs, fore arms and ears. 

Large lesions (some 
ulcerative) on tail and cloaca 

Positive from lesions 
on tail and legs 

Positive Positive 

Positive from lesions 
on ears, tail, legs. 

 

Positive 

 

Adult ♂ 

ID: 9 

Nodular lesions small to large 
on ears, tail, legs and 

forearms 
No sample No sample Not tested 

Positive from nodular 
lesions on ears, tail 

and leg. 

Positive 

 

Adult ♂ 

ID: 100952 

Nodular lesions small to large 
on ears, tail, legs and 

forearms 

Positive from ear and 
leg lesions 

Positive Positive 
Positive lymph node 

and ear tissue. 
Positive 

Adult ♀ 

ID: 10 

Small nodular lesions tail and 
legs, raised inflamed ear 

margins 

Positive from ear 
tissue 

No sample Not tested 
Positive for ear, leg 
lesion, spleen and 

lymph node. 

Positive 

Adult ♀ 

ID:990096 

Uneven or inflamed raised ear 
margins. Inflammation of the 

cloaca 

Positive from cloaca 
and ear. Negative for 

tail lesion 
No sample Not tested 

Positive from ear, tail 
lesion and cloaca 

Positive 

Adult ♀ 

ID: 970181 

Various small nodular lesions 
and raised inflamed ear 

margins 
No sample No sample Not tested Not tested Positive 

Adult ♀ 

ID: 83212 

Various small nodular lesions 
and raised inflamed ear 

margins 
No sample No sample 

Not tested 

 
Positive Ear Positive 

Adult ♀ 

ID: 40118 
Uneven or raised ear margins No sample No sample Not tested No Sample Positive 



 

 

 

 
Figure 2.4: Symptoms of cutaneous leishmaniasis in macropods. 

A) Black wallaroo with nodular lesions around the eyes and on the nose. Flaked 
discoloured skin on the fore arms and inflammation of the ears can also be 
seen; B) Inflammation of agile wallaby ear illustrating lumpy thickened skin 
and alopecia. 

 

2.3.2. Cytology, histology and immunohistochemistry  of northern 

wallaroo lesions 

In the northern wallaroo index case ID 373 (also most severe), amastigotes 

were seen by microscopic examination of Diff-quik® stained impression 

smears of lesions (Figure 2.3B). Abundant Leishmania spp. organisms were 

observed within the macrophage cytoplasm and free in the background. 

Histological examination of the affected skin from this animal is shown in 

Figure 2.3C. Lesions were characterised by moderate to marked infiltration of 

A 

B 
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the superficial and/or deep dermis with macrophages containing abundant 

amastigotes. Moderate numbers of plasma cells and lymphocytes intermingled 

with macrophages were present in the dermis and at the margins of lesions. 

Immunostaining results for the severe index case is shown in Figure 2.5A. The 

brown staining shows the mouse anti-Leishmania antibody recognition of 

Australian SLA. In the negative control mouse pre-bleed serum, (Figure 2.5B), 

unstained amastigotes can be seen indicating little background binding. The 

mouse anti-Leishmania antibody was also shown not to cross react with the 

closely related Trypanosoma spp. (Figure 2.5C) it also did not cross react with 

the other control slides (images not shown), indicating at least that the assay is 

genus specific. 

2.3.3. Leishmania culture from northern wallaroo 

Australian Leishmania promastigotes were cultured from a total of four infected 

northern wallaroos (Table 2.2). Cultures were isolated from ear tissue (3), tail 

lesions (1), leg lesions (2) and cloaca (1).  

 

2.3.4. IgG response to Australian Leishmania in acute infection  

A total of 15 northern wallaroo serum samples were tested using the Australian 

Leishmania ELISA. In addition, four sera from three black wallaroos were 

assayed. Negative control serum was used from five common wallaroos 

originating from Taronga Zoo (Sydney, New South Wales) and the cut-off for a 

positive sample was determined from the mean + 3SD of the known negatives 

(0.278).  

 



     

   62

 

Figure 2.5: Immunostaining using mouse anti-Leishmania antibody. 

A) Northern wallaroo skin lesion section stained with mouse anti-Leishmania 
antibody. Amastigotes stained brown as indicated by the arrows. B) Northern 
wallaroo skin lesion stained with non-immunised control mouse sera. C) 
Section of barramundi trypanosomiasis stained with mouse anti-Leishmania 
antibody, arrows indicate individual (Trypanosoma sp.) flagellates.  

 
All  the data points for northern wallaroos above the cut-off line are from 

animals displaying symptoms of CL (Figure 2.6). Those shown inblue are four 

three separate serum samples from animal ID 83212. The first sample was 

taken in 1998 and is seen below the cut-off line. The S:P values above the line 

A 

B 

C 
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were samples taken in 2007 and 2008. Samples in green are from animal ID 

970181 taken in 2007, 2008 and 2009. The two other samples seen below the 

cut-off are from northern wallaroos located at the TWP and were collected in 

2005 and 2006, at which point no symptoms were recorded. The S:P mean of 

the northern wallaroo group was found to be significantly higher than the 

negative control group, (P=0.005). 

Antibody responses for serum collected from the black wallaroo with clinical 

CL is shown by the orange square data points. The animal exhibited symptoms 

for CL at both collection time points. The other samples are from a black 

wallaroo in 2006 (just on the cut-off line) and a juvenile black wallaroo in 

2007, both located at the TWP, and in which no clinical symptoms were 

observed for either animal. 

Nor
th

ern
 w

al
lar

oo
 

Blac
k 

wal
lar

oo 

Neg
ati

ve
 

0.0

0.5

1.0

1.5

Wallaroo species

S
:P

 R
at

io

 

Figure 2.6: The S:P ratio of northern and black wallaroo IgG responses to 
soluble Leishmania antigen. 

The thick solid horizontal line indicates the cut-off calculated as the mean, plus 
3 SD (0.278) of the negative serum. Data points in the same shade represent the 
same animal on a different collection date. The mean for each group is 
indicated by the horizontal lines. 
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The serum IgG response was also measured in the two agile wallaby CL cases. 

The serum responses using anti-Kangaroo IgG ELISA are shown in chapter 3 

(Figure 3.2). Only one of these animals (red) showed a positive S:P response 

above the cut-off. This result was for a sample collected in March 2008 when 

the wallaby was showing CL symptoms. In January 2008 the antibody response 

was negative for this animal as seen in red below the cut-off line. This suggests 

there was no active infection at the time or prior to initial infection, which was 

supported by a negative real-time PCR result in the ear tissue sample taken on 

the same day. 

 

2.3.5. Real-time PCR detection of Australian Leishmania parasites 

Australian Leishmania specific real-time PCR was developed in this study to 

detect and estimate parasite load in infected tissues (Table 2.3). The detection 

limit of the assay is between Ct 30–Ct 32. The Ct values for ear tissue from 

northern wallaroos were low, ranging from 10-15. These Ct values are beyond 

the limits of the standard curve which starts at 10-1 (Ct-15) (Figure 2.2). Based 

on the genomic DNA standard curve calculations these tissues have extremely 

high parasite load, up to 1.6 x 108 per DNA extraction. The ear tissue from 

northern wallaroo ID 990096 with a Ct-15, was estimated to be equal to 4.2 x 

106 parasites per DNA extraction. As DNA extractions were typically from 10-

25 mg of tissue, this equates to 168 000 parasites per mg (in 25 mg). The black 

wallaroo appeared to have lower parasitemia and there was even lower numbers 

of parasites in ear samples from agile wallabies.  

Variations from high to low numbers of parasites were seen in northern 

wallaroo tail lesions, lymph node and spleen. 



 

 

MSHR ID  Ear Tail lesion Lymph Spleen 

 Ct No. of parasites* Ct No. of parasites* Ct No. of parasites* Ct No. of parasites* 

Northern wallaroo 

373 10 1.6 x 108 12 4.0 x 107 - - - - 

9 14 6.9 x 106 27 1.3 x 103 - - - - 

990096 15 4.2 x 106 35 5.9 - - - - 

100952 12 3.6 x108 - - 26 2.6 x 103 Negative 

10 11 4.5 x 107 - - 11 5.2 x 107 29 3.8 x 102 

83212 14 8.2 x106 - - - - - - 

Black wallaroo 

40028 19 2.3 x 105 - - Negative Negative 

Agile wallaby 

70522 27 1.1 x 103 - - - - - - 

70523 21 1.1 x 105 - - - - - - 

Table 2.3: Estimates of tissue infection.  

*Determined using genomic DNA standards included in each PCR. Parasite numbers are calculated as per section 2.2.10  
 



 

2.3.6. Species confirmation using the miniexon and RNA 

polymerase II largest subunit gene  

The miniexon was amplified and sequenced in three northern wallaroos (Source 

ID: 373, 990096 & 100952) and one agile wallaby (70522) using DNA from 

either lesion or culture. This produced a band of the expected size of around 

500 bp. BLASTn analysis using partial sequences from each sample (255-397 

bp) gave between 98-99% identities to the Genbank kangaroo miniexon 

sequence AY495831. Small variations were seen in the non-transcribed 

variable region, this may have been a result of Taq or sequencing errors 

because of the repitative nature of the region.  

The RNA polymerase II gene was amplified and sequenced using DNA 

obtained from the original kangaroo culture (MMAC/AU/2003/roo1). A total of 

1201 bp was sequenced (GenBank submission: 1373357). BLASTn analysis 

revealed a closest match with Le. enriettii (AF151727) showing 93% identity 

over the full 1201 bp. The RNA polymerase II was also sequenced from two 

northern wallaroo cultures (Source ID 9 & 373) , these partial sequences were 

identical to the original kangaroo culture sequence confirming infection with 

the same Australian Leishmania species. 

 

2.3.7. Phylogenetic analysis of Australian Leishmania 

A phylogenetic tree was produced by the sequence analysis of RNA polymerase 

subunit II gene (745 bp) from 20 Leishmania spp., two Leptomonas spp. and 

Endotrypanum monterogeii (Figure 2.7). The latter two genera are closely 

related to the Leishmania. The tree branches have divided each taxonomic 

Leishmania complex based on the geographical location of the species,  the 

types disease of disease caused(CL, VL or MCL) and the Leishmania spp. 

natural host. (e.g. the  subgenus Sauroleishmania (lizard Leishmania) and the 

Le. (Le.) hertigi complex which infect sloths). 

The phylogenetic tree gives similar branching of groups as seen by other 

analyses using this gene (Croan and Ellis, 1996, Croan et al., 1997, Yurchenko 
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et al., 2006). Strong bootstrap support for the monophyly of Le. (Le.) tropica 

complex (Old World CL), the Le. (Le.) donovani complex ( Old World VL) and 

the Le. (Le.) mexicana complex (New World CL). Lizard Leishmania species 

also have 100% support form a separate group from all those above.  Australian 

Leishmania forms its own branch with Le. enriettii and the unclassified MAR1 

Martinique strain from the French West Indies. This branching is highly 

supported with a bootstrap value of 902 occurrences out of 1000.  

There is little support for the branch of the Le. (V) braziliensis complex (New 

World, MCL), the nearest relation to the Australian Leishmania group, with 

147/1000 bootstrap support. The next node also indicates difficultly in 

assigning the relationships of these two groups and the Le. hertigi complex 

(New World, parasites of slothes). The support for this branching may have 

been increased by using more distantly related outgroup such as a Trypansoma 

sp. 

The tree in Figure 2.7 has also included two species of Leptomonas 

(Kinetoplastid: Trypanosomatidae) as these species are closely related to 

Leishmania, in particular Le. costariciensis isolated from the reduviid bug 

Ricolla simillima (Heteroptera) (Yurchenko et al., 2006). 



     

   68

  

Figure 2.7: Leishmania spp. RNA polymerase subunit II gene rooted 
phylogenetic tree. 

Phylogenetic tree inferred from a 745 bp clustalW alignment. The neighbour 
joining tree was produced in MegAlign (Lasagene v8.0) using distance matrices 
under the Kimura 2-parameter model. (Bootstrap n = 1000).
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2.4. DISCUSSION 

In 2007 and 2008, cases of CL were diagnosed for the first time in captive 

northern wallaroos, black wallaroos  and agile wallabies  at the TWP.  

Wallabies and wallaroos resting during the day are particularly vulnerable to 

the attack of biting flies. In the course of this study, it was observed that 

Ceratopogonidae (biting midges), Culicidae (mosquitoes) and Tabanidae 

(march flies/horse flies) were the most prolific biters. Frequent biting may 

cause skin irritations resulting in encrustation similar to those seen in CL. It is 

plausible that CL infection has been present in the Darwin rural area for a very 

long time but gone unnoticed. The northern wallaroos are native to the tropical 

regions of the NT and northeastern Western Australia. Black wallaroos are a 

rare species endemic to the NT, their range is restricted to areas of steep rocky 

escarpment and plateau country of west and central Arnhem Land (Dawson, 

1995). Agile wallabies in contrast are naturally abundant in the Darwin rural 

area. Ongoing cases of CL over the last six years at the TWP highlight the 

continued transmission of Leishmania amongst macropods located in the 

Darwin rural area. Estimating the history of transmission in the region is 

difficult as the CL skin symptoms exhibited by macropods mimic many other 

skin irritations observed in these animals. For example, a juvenile antilopine 

wallaroo presented with lesions suggestive of leishmaniasis. Samples were 

negative for Leishmania by PCR and serology. Later the lesions were 

diagnosed as poxvirus using histology. Poxvirus infection is often seen in 

young macropods (Ladds, 2009, McKenzie et al., 1979). 

The kangaroo IgG assay developed for antibody detection showed 100% 

sensitivity and specificity for symptomatic northern wallaroos and a black 

wallaroo compared to those without symptoms. Although this is a small sample 

size, it validates the use of this assay in serological surveys of macropods from 

the region, and the analysis of stored serum samples may help to provide some 

estimates of how long Leishmania transmission has been occurring in the area. 
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The Australian Leishmania specific real-time PCR readily detected DNA in all 

of our skin lesion samples except one tail lesion sample from a northern 

wallaroo (ID 990096) which had a very high Ct at 35. We were unable to 

culture organisms from this particular sample, although all other lesions 

sampled from this animal were successfully cultured.  

The parasite numbers in macropod tissue samples estimated by this PCR are 

comparable to those observed in mouse models. Nicolas et al. (2002b) reported 

detection using real-time PCR in lesions from a Le. mexicana mouse model. 

The Ct values ranged from 16-18 for lesion samples which were estimated to be 

equivalent to 10 000 parasites per reaction using 1.2 µL of template. This gives 

an estimate of 420 000 parasites per DNA extraction (50 µL) (Nicolas et al., 

2002b, Nicolas et al., 2000). The weight or size of the tissues sampled was not 

included in this paper, but as they were collected into 1.5 mL microtubes, tissue 

weight was likely to be similar to the northern wallaroo samples. The ear tissue 

samples from northern wallaroos ranged from 168 000 parasites/g to 640 000 

parasites/g. 

Slightly lower Ct values were seen for mouse spleen and lymph node (19-25), 

again this is comparable to the northern wallaroo estimates (Table 2.3). 

Interestingly they were able to detect Le. mexicana in the blood. Detection of 

Australian Leishmania in blood samples was not attempted, but a protocol for 

this should be optimised in the future as blood collection is a less invasive 

technique than lesion sampling for macropods. Rolao et al. (2004) also used 

real-time PCR to detect and estimate the parasite burden in a Le. infantum 

mouse model. In the spleen high numbers of parasites were seen ranging from 

7.13 x 104/g to 2.36 x 107/g. Parasite numbers in the only positive spleen 

obtained from a northern wallaroo were much lower at 3.8 x102 per DNA 

extraction. However, it is difficult to compare these figures as this mouse model 

is for VL which behaves very differently. Overall these comparable results 

validate the Australian Leishmania real-time PCR for use in this project as a 

semi-quantitative assay for detection.  



   

   71

The main difficulty associated with diagnosing CL using standard histology is 

that in cases with low levels of infection in lesion samples parasites can be 

missed. The production of the mouse anti-Leishmania antibody (raised against 

Australian SLA) and the optimisation of a more sensitive 

immunohistochemistry technique for histological sections will prove useful for 

future diagnosis. The assay can also be adapted for detection and localisation of 

parasites in potential vectors, as described in Chapter 6. 

A phylogenetic analysis of the ribosomal RNA polymerase largest subunit II 

gene has shown Australian Leishmania is most closely related to Le. enriettii. 

The Australian Leishmania, Le. enriettii and the MAR1 strain form their own 

complex. Both Le. enriettii and the MAR1 strain cause CL. The only known 

natural host for Le. enriettii is domestic golden hamsters (Mesocricetus 

auratus) in Brazil. Reported natural infection in hamsters has only been 

observed on three occasions and in one case the sand fly Lu. monticola was 

suspected as a vector (Lainson, 1997). Hamsters are not found wild in Brazil 

and both the natural wild host and vector for Le. enriettii remain a mystery.  

Unfortunately, no sequence of the RNA polymerase subunit II gene was 

available for the Leishmania species in Eastern Ghana (section 1.7.1). As 

previously mentioned this species also appeared to be closely related to 

Australian Leishmania based on of the ITS1 region (Villinski et al., 2008). In 

future phylogenetic studies, the relationships to the more distantly related 

clades, e.g. Le. (V.) braziliensis complex, may be better analysed and supported 

using two alleles. Use of a outgroup, such as a Trypansoma sp. may also give 

stonger bootstrap support. The current tree however is sufficient to show the 

above grouping of Australian Leishmania.  

Muniz and Medina (1948) attempted to artificially infect human volunteers 

with Le. enriettii but were unsuccessful, hence the species has always been 

considered a non human-infecting Leishmania (Lainson, 1997). Interestingly, 

Le. enriettii has been reported to cause MCL in laboratory-inoculated guinea 

pigs (Cavia porcellus). These animals produced lesions on their anterior nasal 
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mucosae as well as the vulva or scrotum. The latter study reports that lesions 

appeared in the naked, cooler parts of the body, separate from the inoculation 

site and were believed to be caused by haematogenous spread (Kanan, 1975). 

Parallels can be drawn with infections seen distally in cooler areas (ear pinnae) 

of macropods, along with the infections seen on the cloacae of two northern 

wallaroos and the nose lesions in northern wallaroos, a black wallaroo and red 

kangaroos. Experimental infection of mouse peritoneal macrophages using 

Australian Leishmania promastigotes found 80% infection after 5 h at 33°C 

compared to 5% at 37°C (Rose et al., 2004). Australian marsupials have an 

average body temperature 2-3°C lower than other eutherian mammals (Dawson 

and Hulbert, 1970) which correlates with this result, suggesting a preference for 

these animals. 

The MAR1 strain originated from a human patient diagnosed with CL from the 

island of Martinique (French West Indies). The aetiology is unknown and the 

only species of phlebotomine sand fly on Martinique is Lu. atroclavata. Bats 

are the only native fauna still found in Martinique, but are not considered 

potential reservoirs, so imported rodents may play a role in the lifecycle (Noyes 

et al., 2002).  

The phylogeny of Australian Leishmania further confirms it’s an enigmatic 

species as shown by its close relationship to Le. enrietti and the MAR1 strain 

found on the other side of the world. In addition, it is the only known species in 

Australia and it doesn’t appear to infect humans. 

The reports of CL in northern wallaroos, a black wallaroo and agile wallabies 

highlight the importance of continued research into the lifecycle of Leishmania 

in Australia. In the next chapter, real-time PCR and serology will be used to 

implicate potential reservoirs or natural hosts for Leishmania in Australia. 
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3. SURVEILLANCE FOR AUSTRALIAN LEISHMANIA 

INFECTION IN NORTHERN AUSTRALIAN 

MARSUPIALS  

 

3.1. INTRODUCTION 

Incrimination of a Leishmania reservoir host requires several criteria be 

satisfied. The lifecycle of Leishmania spp. is complex and more than one 

mammalian host may be involved, as either the primary or the secondary 

accessory host (Ashford, 1996). The biological characteristics of a reservoir 

were reviewed in the introduction. Australian leishmaniasis does not appear to 

be a zoonosis since Leishmania was discovered in accidental hosts, i.e., red 

kangaroos not native to the region where the disease was identified (Rose et al., 

2004). In this situation in order to find the source or primary reservoir for 

infection, Ashford’s characteristics provide the simplest criteria for prioritising 

animals to screen for infection (section 1.6.1). This chapter describes animals 

that meet some of these characteristics for a reservoir in the NT. Molecular and 

serological methods used to investigate the role of macropods in the Australian 

Leishmania lifecycle are also described. 

As CL was found in captive macropods (red kangaroos) from the Darwin rural 

area, it was considered to be most logical to focus our surveillance on marsupial 

species that are generally found in this region. Red kangaroos are not native to 

the region, the most common are agile wallabies and antilopine wallaroos. The 

northern wallaroo is also relatively common in the ‘Top End’ monsoonal 

lowlands, although its range is more restricted to rocky-hilly escarpment 

(Haynes et al., 1991, Dawson, 1995). 

The agile wallaby is the most abundant macropod found across the tropical 

coastal regions of Australia and occurs as far south as Bundaberg, Queensland 

on mainland Australia. Some isolated populations are found further south on 
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North and South Stradbroke Islands, Queensland (Menkhorst and Knight, 

2004). In the NT, they are most abundant on the sub-coastal lowlands, the 

predominant environment in the Darwin rural area. Agile wallabies are also 

long-lived, the age distribution at East Point Reserve in Darwin having been 

recorded as 0.5-15.5 years, with the majority being 0.5 to 3.5 years (Stirrat, 

2008). Agile wallabies are crepuscular and tend to rest throughout the day in 

woodland or monsoonal forest, foraging during the early morning, evening or 

overnight in open grassy areas (Haynes et al., 1991). The male home range size 

can vary from 7.6-38.2 ha, the area being linked to food abundance in the wet 

and dry seasons. In the dry season, home ranges will be larger due to the lower 

availability of good quality food resources (Stirrat, 2003).  

Although less abundant in the Darwin rural area, the antilopine wallaroo is a 

gregarious species that also warrants investigation as a potential reservoir for 

Australian Leishmania. It is common across northern Australia in tropical 

savannah woodlands from the Kimberly region of Western Australia to the Gulf 

of Carpentaria and Cape York. The  antilopine wallaroos from the Cape York 

Peninsula have a slightly different habitat, consisting of open eucalyptus forests 

(Dawson, 1995). Antilopine wallaroos are also crepuscular, although during the 

wet season they remain active throughout the day and night. Uniquely among 

northern tropical macropods, the antilopine wallaroo exists in social groups 

with a dominance hierarchy among males, whereas agile wallabies and northern 

wallaroos are relatively solitary (Croft, 1987).  

Agile wallabies and antilopine wallaroos are considered the largest native 

mammals of the Australian tropics. There are, however, other smaller mammals 

common to the Darwin rural area that may be considered potential Leishmania 

reservoirs. These include the northern brush-tail possum (Trichosurus 

vulpecula), northern brown-bandicoot (Isoodon macrourus), northern quoll 

(Dasyurus hallucatus) and black-footed tree rat (Mesembriomys gouldii). There 

are also several species of smaller rodents including grassland melomys 

(Melomys burtoni), delicate mouse (Pseudomya delicatulus), fawn antechinus 

(Antechinus bellus), western chestnut mouse (Pseudomya nanus), pale field-rat 
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(Rattus tunneyi), red-cheeked dunnart (Sminthopsis virginiae), and brush-tailed 

tree rat (Conilirus penicillatus) (Haynes et al., 1991, Price et al., 2005). These 

animals are all nocturnal and occupy habitat niches that could put them in close 

contact with the vector.  

The gold standard for Leishmania detection in reservoirs has traditionally been 

direct culture from lesions or aspirates, along with demonstration of 

amastigotes in tissue smears. In this chapter we use DNA detection and 

serology to find evidence linking native mammals in the Darwin rural area and 

the Top End as reservoirs of Leishmania. The use of PCR as a technique for 

detection of parasites in tissue can be a sensitive and specific way to detect 

Leishmania in lesions or asymptomatic skin infection. PCR has been used in a 

number of studies to detect the parasite in potential reservoirs and to monitor 

prevalence in known reservoirs. For example, various techniques targeting  

kinetoplast DNA (kDNA) of the Leishmania (Vianna) subgenus have identified 

infection in various opossums and rodents in Colombia, as well as the Brazilian 

states of Pernambuco and Minas Gerais State (Alexander et al., 1998, Brandao-

Filho et al., 2003, Oliveira et al., 2005). In central Iran, where CL caused by Le. 

major is a significant public health issue, ITS-ribosomal DNA PCR has been 

used to screen for infection in gerbils (Parvizi et al., 2008). In the diagnosis of 

human leishmaniasis, similar PCR tests and more recently real-time PCR have 

been developed. These target various regions such as the miniexon gene, again 

the kDNA, glucosephosphate isomerase, ribosomal DNA (rDNA) and the 

glucose-6-phosphate dehydrogenase gene in blood and various tissue samples 

(Castilho et al., 2003, Marfurt et al., 2003a, Nicolas et al., 2002a, Wortmann et 

al., 2005). PCR techniques can be highly specific and sensitive. However, PCR 

sensitivity can have its drawbacks and should be monitored closely with the 

appropriate negative controls to control for false positives as a result of 

laboratory contamination and/or confirmed through other tests such as direct 

culture and histology. 

Measuring specific anti-Leishmania IgG in serum of animals is another useful 

method that can complement PCR detection. In the case of a negative PCR 
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result, the presence of anti-Leishmania antibody could demonstrate previous 

exposure to the parasite. In Latin America, serological studies have been used 

to measure Leishmania prevalence in dogs as reservoirs for VL and CL. These 

include promastigote and amastigote antigen ELISAs, immunofluorescent-

antibody tests, direct agglutination tests and commercially available rapid tests 

(Mettler et al., 2005, Ryan et al., 2002, Reithinger and Davies, 1999, Schallig et 

al., 2004). Cats have been antibody screened for VL in the Mediterranean and 

Thailand (Solano-Gallego et al., 2007, Sukmee et al., 2008). Serological 

surveys have also been conducted on opossum (Didelphis spp.) in urban areas 

of Brazil as reservoirs for Le. braziliensis and Le. infantum (Schallig et al., 

2007, Santiago et al., 2007). The presence of antibodies against Le. major has 

also been investigated to link vervet monkeys (Chlorocebus aethiops), sykes 

monkeys (Cercopithecus mitis) and olive baboons (Papio cynocephalus anubis) 

as reservoirs of Leishmania in Kenya (Gicheru et al., 2009). Serological 

surveys are useful tools and can give indications of the prevalence of infection 

and exposure to the parasite. However, carrier animals may not have detectable 

antibody when asymptomatic or in the early stages of infection. On the other 

hand, an antibody response does not always indicate Leishmania infection is 

maintained long enough to allow transmission to the vector to occur. 

This chapter desribes the first study to implicate a reservoir for Leishmania in 

Australia. Protocols to measure anti-Leishmania antibodies and to test for active 

infection (Australian Leishmania specific real-time PCR) have been utilised. 

The aim was to find evidence that local asymptomatic native animals can 

naturally carry the parasite and thus may transmit Leishmania to a biting sand 

fly vector. 
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3.2. METHODS 

3.2.1. Sample collection 

Blood samples from large mammals including agile wallaby, antilopine 

wallaroo, northern nail-tail wallaby, common wallaroo, bridled nail-tail wallaby 

(Onychogalea fraenata), and dingo (Canis lupus) were acquired through 

existing serum banks at the TWP, BVL and Taronga Zoo. Serum was selected 

from the BVL serum bank to cover a wide geographical area. Taronga samples 

were selected for negative control sera, as the animals were housed in what is 

believed to be a non-endemic area for Australian Leishmania. Further blood 

and tissue samples were collected when animals were manually captured or 

anesthetised for veterinary checks at the TWP and/or through animal-baited 

trapping outlined in section 4.3.3.  

Blood and tissue samples from agile wallaby and antilopine wallaroo were also 

collected by wildlife carers from the Darwin rural area as part of their own 

health checks or release programs. In particular, one property located in 

Virginia approximately 30 km south of Darwin. 

Small mammal blood and tissue collection from northern brush-tail possum, 

black-footed tree rat, northern quoll, brush-tailed tree rat, short-eared rock 

wallaby (Petrogale brachyotis), sugarglider (Petaurua breviceps), western 

chestnut mouse and black flying fox (Pteropus alecto) were collected as part of 

routine veterinary checks of enclosures and breeding programs at the TWP. 

Mala (Lagorchestes hirsutus) serum was obtained to use as a negative control 

through BVL. 

Some samples were also collected through small mammal trapping surveys. 

Black-footed tree rat and northern brown bandicoot were collected in trapping 

of small mammals in the Woodland Walk enclosure (Section 4.2.1) at the TWP. 

The Biodiversity Unit (NT Government) regularly conducts surveys of small 

mammals across the ‘Top End’. Samples were opportunistically collected from 

animals caught during these surveys, including northern brown bandicoot, 
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black-footed tree rat, northern quoll, Arnhem land rock rat (Zyzomys maini), 

mosaic-tailed rat (Melomys burtoni), fawn antechinus and common rock rat 

(Zyzomys argurua). 

In addition, the geographical area of the study was widened by collecting blood 

and ear tissue samples from agile wallaby, antilopine wallaroo, northern brown 

bandicoot and northern brush-tailed possums killed by traffic. Areas targeted 

for collections included the Darwin and Darwin rural area, Arnhem Highway 

and Katherine Town and surrounds. Blood was collected by syringe from dead 

animals in situ by cutting veins in the tail with a scalpel. Syringed blood was 

then transferred to a serum BD vacutainer® (Becton, Dickson and Company, 

Franklin Lakes, NJ) and stored on ice for transport to the laboratory.  

 

3.2.2. Sample storage 

Blood and tissue samples were all stored as previously described inmethods 

section 2.2.2. 

 

3.2.3. Tissue DNA extraction 

DNA extraction was carried out as previously described in methods section 

2.2.8. 

 

3.2.4. Australian Leishmania Real-time PCR 

Real-time PCR detection was carried out as described in section 2.2.9. 

 

3.2.5. ELISA using Kangaroo IgG 

Serum IgG was detected using ELISA as described in  methods section 2.2.5. 
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3.3. RESULTS  

3.3.1. Specimen collection 

The total number of animals sampled for serum and tissue in the tropical 

regions of the NT is shown in Table 3.1. Most of the serum and tissue samples 

collected were from agile wallabies and antilopine wallaroos. The majority of 

samples for agile wallaby came from Virginia (46 animals), TWP (18), Douglas 

Daly Research Farm (11) and Darwin River (10). Most antilopine wallaroo 

samples came from the TWP (11 animals) and Virginia (8). The majority of 

small mammal samples came from the TWP. All of the samples in this 

collection are from animals showing no signs of clinical disease, with the 

exception of the two agile wallabies mentioned in chapter 2 and one shoulder 

lesion sample from an agile wallaby at Virginia. Some antilopine wallaroos had 

uneven or crusty ears, which were not considered to be showing clinical signs 

of CL, as described in chapter 2. 
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Table 3.1: Total animals and specimens collected from the ‘Top End’ of 
Northern Territory. 

  Numbers 

Common name  Scientific name Animal Sera Tissue 

Agile wallaby  Macropus agilis 173 141 72 

Northern quoll Dasyurus hallucatus 45 10 43 

Antilopine wallaroo  Macropus antilopinus 37 40 28 

Brush-tailed tree rat  Conilurus penicillatus 28 0 28 

Black-footed tree rat  Mesembriomys gouldi 18 0 18 

Northern brush-tail possum  Trichosurus vulpecula 14 7 13 

Arnhem land rock rat  Zyzomys maini 9 0 9 

Northern brown bandicoot  Isoodon macrourus 8 3 8 

Mosaic-tailed rat  Melomys burtoni 5 0 5 

Short-eared rock wallaby  Petrogale brachyotis 5 5 0 

Fawn antechinus  Antechinus bellus 5 0 5 

Northern nail-tail wallaby  Onychogalea unguifera 3 3 0 

Sugarglider  Petaurus breviceps 3 1 2 

Dingo  Canis lupus dingo 1 1 0 

Sandstone antechinus  Pseudantechinus bilarni 1 0 1 

Western chestnut mouse   Pseudomys nanus 1 0 1 

Black flying fox  Pteropus alecto 1 0 1 

Common rock rat  Zyzomys argurus 1 0 1 

Total  378 238 264 
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3.3.2. Antibody response to SLA in antilopine walla roos 

The IgG responses of antilopine wallaroos to Australian SLA is shown in 

Figure 3.1. The locations for serum samples are shown on the X-axis. The 

‘Darwin River property’ refers to a private block located 6.7 km south-west of 

the TWP. The ‘Darwin rural’ refers to samples collected randomly across the 

Darwin rural area, while the four samples in the ‘NT other’ group are from 

various locations across the Top End including Pine Creek, Katherine, Belyuen 

(outer Darwin) and Gandolf. The cut-off for a positive response (S:P ratio 

0.769) was determined using the mean plus 3SD of the negative samples. In this 

assay, negative samples were from common wallaroo obtained from the 

Taronga Zoo. As these samples were from New South Wales, it is unlikely that 

they had been exposed to the Leishmania antigen. The mean antibody response 

from TWP group was significantly higher than the negative group (P = 0.0023). 

These animals had been located at TWP for over 10 years. Serum collection 

dates for positive samples ranged from 1997 to 2008. The duration of other 

antilopine wallaroos at sites in the other groups/locations is unknown. The 

borderline positive result for the Virginia group (S:P ratio 0.795) was collected 

on 20/03/2009, the borderline positive (S:P ratio 0.819) from Darwin river 

property was collected on 16/09/2007 and the other NT borderline positive (S:P 

ratio 0.792) was collected in 2002, from Pine Creek (Figure 3.3). 

 

3.3.3. Antibody response to SLA in agile wallabies 

In contrast to the localised antilopine wallaroo IgG response at the TWP, the 

agile wallabies have a broader regional IgG response (Figure 3.3). The 

locations for 157 serum samples are shown on the X-axis. The Katherine group 

refers to serum collected from the Katherine region, approximately 300 km 

south of Darwin. Eight samples from agile wallaby in Taronga Zoo were used 

as the negative control group. These animals were unlikely to have been 

exposed to the Leishmania antigen. The mean values for each locale group are 

significantly higher than the mean of the negative group. Their P-values were 
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0.0018, 0.0012, 0.0044 and < 0.0001 in order (left to right on the X-axis). In the 

sample locales TWP, Virginia, Urban & Rural Darwin and NT other 20%, 3%, 

20% and 15% of animals were above the negative cut-off (0.912), respectively.   

 

 

Figure 3.1: Antilopine wallaroo IgG response to SLA. 

Coloured dot points show samples from the same animal with different 
collection dates. The cut-off shown as a dashed line at 0.769 is determined from 
the mean + 3SD.  
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Figure 3.2: Agile wallaby IgG response to SLA. 

Coloured dot points show samples from the clinical cases of CL detailed in 
chapter 1. Matched colours are from the same animal on different collection 
dates. The cut-off is shown as a dashed line at 0.912 is determined from the 
mean + 3SD of the negatives. 

 

The positive antibody responses seen in the Urban & Rural Darwin and NT 

other group originate from locations such as suburban Marrara (within the 

Darwin city limits) and extending as far south as Douglas Daly Research farm 

approximately 150 km south of Darwin. The locations of animals with positive 

antibody responses are shown in Figure 3.3. 
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Figure 3.3: Locales of positive serological responses to SLA. 

Antilopine wallaroo and agile wallaby sera had positive antibody responses in 
locations marked in the map. 

 

3.3.4. Antibody response to SLA in other mammals 

A small number of samples from other species of medium to small mammals 

were measured for antibody responses to SLA. The antibody responses from 

nail-tail wallaby located at TWP, bridle nail-tail wallaby obtained from Taronga 

Zoo, mala from central Australia and short-eared rock wallaby from the Pine 

Creek/Adelaide river area, south of Darwin are shown in Figure 3.4. The cut-off 

(0.474) for this raw data (450 nm) was calculated from the bridle nail-tail 

wallaby samples. This species is the closest relation to northern nail-tail 

wallaby and the animals from which samples were taken were unlikely to be 

exposed to Leishmania antigen. Again, animals from the TWP showed positive 

antibody responses. 

Serum samples from black-footed tree rat, northern quoll, northern brown 

bandicoot and northern brush-tailed possum were collected to measure antibody 

responses in these animals (Table 3.1). Anti-kangaroo IgG was found to be 

cross reactive to the IgG of these species using kangaroo IgG in binding assays. 
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Reactivity to Australian Leishmania antigen of these serum samples was tested 

using the kangaroo IgG ELISA. However, the results were difficult to interpret 

without a true negative control for each species and are not included in this 

thesis. 

 

 

Figure 3.4: Northern nail-tail wallaby IgG response to SLA 

Raw absorbance at 450 nm is shown on the Y-axis. Animal species grouped on 
the X-axis. The dashed line shows the cut-off determined from the mean + 3SD 
for the bridle nail-tail wallaby samples. 

 

3.3.5. Real-time PCR screening of tissue specimens 

Tissue samples analysed by real-time PCR for the presence of Australian 

Leishmania DNA are shown in Table 3.2.  

Four positive samples (5%) were detected in the agile wallabies including the 2 

agile wallabies seen with CL in Chapter 2 and 1 sample obtained from a 

shoulder lesion of an animal located at Virginia. The fourth was from an 

asymptomatic animal at Bee’s Creek in the Darwin rural area. Nine antilopine 

North
ern

 n
ail

-ta
il  

wal
lab

y

Brid
le 

na
il

-ta
il w

all
ab

y

Shor
t-e

ar
ed

 ro
c k 

wall
ab

y
Mala

0.0

0.5

1.0

1.5

Species

O
D

 4
50

nm



     

   86

wallaroo samples (53%) were positive, including 3 positive ear snips from 

animals at the TWP and 4 animals from Virginia. Real-time PCR Ct values 

from antilopine wallaroo samples ranged from 26 to 33, indicating low 

infections with 30–345 parasites estimated per DNA extraction (Table 2.1). The 

Ct value for the positive ear tissue sample from the asymptomatic agile wallaby 

was also within this range at 28. Ct values for positive ear tissue samples from 

the small mammals were all between 30 and 34 indicating even lower 

infections. See Appendix 1 for locations of these animals. 

 

Table 3.2: Tissue samples screened by real-time PCR for Leishmania.  

 
 Tissue 

Species Positive*/Total % 

Agile wallaby 4/81 5 

Antilopine wallaroo 9/17 53 

Black-footed tree rat  1/16 6 

Northern brush-tailed possum 1/13 8 

Northern brown-bandicoot 1/8 13 

Fawn Antechinus  1/5 20 

Black flying fox 1/1 100 

*See Appendix 1 for positive sample locations 
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Table 3.3: Agile wallaby samples screened by both real-time PCR and 
ELISA from the same date of collection. 

 PCR Total 

 Positive Negative  

ELISA    

Positive 1 4 5 

Negative 2 29 31 

    

Total 3 33 36 

 

Agile wallabies and antilopine wallaroos that were screened using both 

serology and real-time PCR are shown in 
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Table 3.3 and Table 3.4 respectively. In both tables, all animals that were 

positive in both methods came from the TWP.  There is a lack of correlation 

between the PCR and ELISA assays for antilopine wallaroos (Table 3.4), with 4 

positive PCR samples negative by ELISA and 5 tissue samples negative by 

real-time PCR positive by serology. This is also seen in agile wallabies, with 4 

samples negative by PCR positive by ELISA.  

Table 3.4: Antilopine wallaroo samples screened by both real-time PCR 
and ELISA from the same date of collection.  

 PCR Total 

 Positive Negative  

ELISA    

Positive 3 5 8 

Negative 4 5 9 

    

Total 7 10 17 
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3.4. DISCUSSION 

This is the first study to implicate a reservoir for Leishmania in Australia. 

Protocols to measure specific anti-Australia Leishmania antibodies and to test 

for active infection (Australian Leishmania specific real-time PCR) have been 

utilised. The aim was to find evidence that local asymptomatic native animals 

can naturally carry the parasite and thus may transmit Leishmania to a biting 

sand fly vector. 

Local mammals surveyed for infection were chosen based on a number of 

characteristics. These characteristics include being abundant in the endemic 

area, closely related to the CL-infected species, with similar behaviour and 

preferred habitat, which would maximize the likelihood of contact with the 

vector. Agile wallabies, the most abundant large mammal species in the Darwin 

rural area, were extensively sampled. While fewer samples came from 

antilopine wallaroos, there were still a sufficient number of animals to provide 

some interesting results.  

As outlined in the methods, due to the scope and limitations of the study, 

specimen collection was mostly opportunistic. This made it difficult to obtain 

similar sample numbers from each species. There were higher numbers for ear 

tissue snips collected from northern quolls and brush-tailed tree rats than for 

other small mammal species. This was not because these animals were more 

abundant in the Darwin rural area, but rather they are more available for sample 

collection though breeding programs and other research being conducted at the 

TWP.  

It was also difficult to control for the age of the animal, location and the length 

an animal spent in these locations, as the records were not always detailed. In 

future research a targeted approach in sampling may allow for collection of 

additional information. More efficient communications between keepers, 

veterinarians, other collection sources and the researcher may combat these 

limitations. 
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Serological results from this study provide strong evidence for Leishmania 

exposure in asymptomatic agile wallabies and antilopine wallaroos from the 

TWP. A staggering 76% of antilopine wallaroos at the TWP were seropositive. 

Seroprevalence was lower at other localities (Virginia 13%, Darwin River 14% 

and NT other 25%). There was less variation of seroprevalence in agile 

wallabies, ranging from 20% at the TWP and Urban & Rural Darwin, 15% for 

NT other to 3% for Virginia. The variations seen in the results, in particular 

higher responses at the TWP is likely related to parasite exposure (vector), 

seroconversion, animal age and the environment. Antilopine wallaroos giving 

the highest prevalence of IgG to Leishmania were older animals, which had 

been located at the park for up to 10 years. A long period to have exposure to 

the parasite compared to the agile wallaboies sampled within the park.  An 

antibody response to Leishmania was also seen in all three nail-tail wallabies 

sampled from the TWP, further highlighting high parasite exposure/infection 

seen at the facility.  

In prevalence studies of other Leishmania lifecycles, such as Le. infantum, 

surveys of the dog reservoir host in the Mediterranean and South America have 

found 20-30% are seropositive at any one time (Ashford, 1996). Again in 

reference to the Le. infantum lifecycle, a survey of 445 cats (suspected 

reservoir) in NW Mediterranean found 5.25% seropositive using a similar IgG 

ELISA (Solano-Gallego et al., 2007). While in opossums (suspected reservoir), 

of the 112 Didelphis spp. samples tested, 71% were seropositive in Bauru, 

Brazil (Santiago et al., 2007). Considering these studies, it appears agile 

wallabies and antilopine wallaroos do fall into the ranges for antibody 

prevalence seen among known and suspected Leishmania reservoirs elsewhere 

in the world. 

The locales for positive antibody responses in agile wallabies or antilopine 

wallaroos to Australian Leishmania are shown in Figure 3.3. It appears that 

animals exposed to Leishmania occur as far south as Pine Creek and Douglas 

Daly. This is useful information about the habitat and distribution of the vector 

and indicates that the vector may not be restricted to the coast. Continued 
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collections from these locales will provide more information regarding the 

specific environments where Australian Leishmania is found.  

Care must be taken in the interpretation of these serological results. Cross 

reactivity of antibodies against other parasite antigens, in particular 

Trypanosoma spp. or unknown kinetoplast infections should be considered. 

This may account for the broad response seen in agile wallabies located outside 

of the TWP. However, the negative control group in each assay is tight and has 

allowed for background binding (cross-reactivity), although it is difficult to 

have a true negative group for this geographical location. 

Real-time PCR results of ear tissue snips, matched with the high antibody 

responses seen in asymptomatic antilopine wallaroos (from the TWP) provide 

convincing evidence of active infection. Combined with the CL cases seen at 

this location, this confirms that TWP is a ‘hot spot’ for transmission. In this 

situation the vector may be expected to have high infection rates. 

Asymptomatic ear tissue in rats (Rattus rattus) has been shown capable of 

transmission using laboratory transmission of Le. tropica by P. sergenti  

(Svobodova et al., 2003). The study found that 5 x 103 to 106 of the parasites in 

asymptomatic ear tissue were sand fly infective, although the actual lowest 

infective dose, (i.e. number of parasites too low to produce infection) was not 

determined. The Ct values for asymptomatic antilopine wallaroo and agile 

wallaby indicate low numbers of parasites in tissue. Whether this burden was 

enough to infect a sand fly vector could only be established by xenodiagnosis.  

The positive real-time PCR results seen in the small mammals from Table 3.2 

are interesting, regardless of their very low Ct values. All except the black-

footed tree rat, which came from ‘Buff Farm’ in Kakadu National Park, were 

from the TWP. This again indicates that the TWP is a ‘hot spot’ for Leishmania 

transmission. This could be due to the captive environment favouring 

transmission as animals in smaller areas are in closer contact with other 

infected animals, thus increasing the chance of being bitten by an infected sand 

fly. Alternatively we might consider the possibility that direct transmission 
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(section 1.5.5) between animals is occurring within the enclosures at the TWP. 

This possibility seems unlikely as direct transmission has not been reported for 

CL and the parasite is generally localised to the skin. The PCR positive captive 

black-flying fox located at the TWP is also of interest. If these animals are 

capable of carrying Leishmania as reservoirs, then we might expect that the 

geographical range for Australian Leishmania is quite high as they are 

widespread across tropical northern Australia. Again this would be dependent 

on the characterisitics of the vector (Tidemann et al., 1999, Vardon et al., 

2001). A few antilopine wallaroos and agile wallabies animals had negative 

PCR result with a positive IgG response. This probably indicates parasite 

exposure, suggesting the animal may have been infected in the past or having a 

parasite load too low to be detected in the localised tissue sample. It is difficult 

to know exactly were to sample tissue in asymptomatic animals when 

parasitemia might be quite low. Animals with a positive PCR and negative IgG 

response may harbour new infections, before a detectable antibody response has 

been produced. As stated in the introduction to this chapter infected animals can 

be asymptomatic and without a detectable IgG response. Despite minimal 

control over sample collection, there is strong evidence to suggest that 

macropods are behaving as primary or secondary reservoirs for Australian 

Leishmania in the Darwin rural area.  To valiadate these results, future studies 

should centre on increasing the numbers of macropods that are sampled for 

both serum and tissue from similar environments throughout the ‘Top End’ and 

also extend collections into northern Western Australia and north Queensland. 

Increased samples should be taken from northern brown bandicoots, northern 

brush-tailed possum, black-footed tree rat and black-flying fox. Optimisation of 

the ELISA for these mammals will greatly enhance our interpretation of 

positive tissues results by PCR. 

Currently the NT is experiencing a small mammal decline, similar to that 

already seen in the southern states. The cause of this is unknown (Woinarski et 

al., 2001). Disease surveillance is immensely important in protecting 
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biodiversity and preventing exotic introductions not only of leishmaniasis, but 

also other zoonotic diseases.  
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4. FIELD COLLECTIONS FOR PHLEBOTOMINE SAND 

FLIES IN THE DARWIN RURAL AREA  

 

4.1. INTRODUCTION 

Phlebotomine sand flies are widely believed to be the only vectors capable of 

transmitting Leishmania. To identify the species potentially responsible for the 

transmission of Australian Leishmania, a thorough field investigation is 

required in the area from which cases of Australian CL have been reported.  

Australia has 18 known species of phlebotomine sand flies belonging to the 

genera Phlebotomus Rondani & Berté, classified into the subgenus 

Australophlebotomous Theodor and Sergentomyia Franca & Parrot. Of these, 

the NT has three known species of Phlebotomus; P. (A.) acuminatus Lewis & 

Dyce, P. (A.) brevifiloides Fairchild, P. (A.) mackerrasi Lewis & Dyce, and five 

species of Sergentomyia; S. hoogstraali (Fairchild), S. englishae (Tonnoir), S. 

queenslandi (Hill) , S. standfasti Lewis & Dyce; and S. vanella (Quate & Quate) 

(Lewis and Dyce, 1982, Lewis and Dyce, 1983, Lewis and Dyce, 1988).  

Australian members of the subgenus Australophlebotomus are thought to feed 

on small mammals, birds and reptiles. They have been caught using both light 

traps and truck traps, however there is scant information regarding their 

habitats. Although P. (A.) breviloides has been caught at the entrance of a rabbit 

burrow and P. (A) mackerrasi has been isolated in Queensland caves. Of the 

species found in the NT, none have been found in the Darwin rural area, P. (A.) 

mackerrasi the closet was caught in the Katherine region (Lewis and Dyce, 

1982, Dyce and Wellings, 1991). P. (A.)  mackerrasi has also been observed 

feeding on the Gidgee skink Egernia stokesii in the Flinders Ranges of South 

Australia (Stein and Dyce, 2002). Species of the subgenus Idiophlebotomus are 

found in caves and probably feed on bats, but have not been found in the NT  

(Lewis and Dyce, 1983). There have been few reports of Australian sand flies 
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regularly biting livestock, even after extensive studies using animal baited traps 

(Muller and Murray, 1977, Lewis and Dyce, 1982, Muller et al., 1981). 

Australian phlebotomine sand flies do not appear to anthropophilic, in fact the 

only documented record to date was a female P. brevifiloides observed by Alan 

Dyce feeding on his upper arm on a lit porch in Moree, New South Wales 

(Lewis and Dyce, 1982). 

The most dominant and widespread sand fly species in Australia is 

Sergentomyia queenslandi. As with other members of this genus worldwide, the 

Australian Sergentomyia spp. are considered to be reptile-feeders. Large 

numbers of S. queenslandi and S. englishae have been caught using emergent 

traps over reptile burrows. In Charleville, south-west Queensland, an arbovirus 

isolated from the gecko Gehyra australis was also detected in a pool of 

collected sand flies in which S. englishae dominated (Lewis and Dyce, 1988). It 

has been suggested that Australia’s abundant herpetological fauna accounts for 

the dominance of reptile-feeding sand flies and the absence of man-biting 

species (Stein and Dyce, 2002). 

Alexander (2000) describes several characteristics that can be used to quickly 

identify phlebotomine sand flies in the field or indicate their presence from 

reports of local people. These include: 

• small (2-3 mm) 

• overall colour brown but appear whitish when light is shone on them 

(fluorescent) 

• wings at rest held in a `V' shape 

• silent 

• weak but direct flight (do not hover) 

• hop between biting sites 

• nocturnal 

• painful bite 
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All phlebotomine sand flies are superficially alike and for species level 

identification, individual sand flies must be cleared in lactophenol or KOH and 

examined under high power microscopy. Structures such as the mouth parts 

(cibarium, pharynx), the female spermathacae, external male genitalia, length of 

antennal segments, pigmentation and the position and arrangement of 

abdominal hairs are some of the characters used in species identification.  

In Australia, there have been no studies into the lifecycle, breeding sites and 

seasonal behaviour of sand fly populations. In this chapter we present the first 

intensive study into sand fly fauna in northern Australia. Data obtained from 

two and a half years of sand fly trapping using a variety of techniques in a 

known Australian Leishmania ‘hot spot’ is presented. We summarise the 

phlebotomine species present at two locations and their seasonal variation, with 

the aim of implicating the vector(s) of Australian Leishmania. 
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4.2. METHODS 

4.2.1.  Field site description 

Territory Wildlife Park 

The TWP is located at Berry Springs, approximately 42km south of the 

Menzies, Darwin, NT. Situated in the Darwin rural area, the park covers an area 

of 400 hectares and contains a variety of wildlife from northern Australia 

(Figure 4.1A). An ecological description of the Darwin rural area (monsoonal 

lowlands) was provided in section 1.9. Sampling initiated in August 2006 was 

conducted within the same ‘Woollybutts’ enclosure (Figure 4.1B) where the 

original cases of CL were first identified in 2003 (Rose et al., 2004). This field 

site was chosen specifically to increase the chances of catching an Australian 

Leishmania infected phlebotomine sand fly. At this time there was still one red 

kangaroo remaining within the enclosure. The animal was displaying symptoms 

of CL on the tail and nose, although an official diagnosis had not been made. 

Other macropods housed within the ‘Woollybutts’ included agile wallabies, 

antilopine wallaroos, northern nail-tail wallabies and one black wallaroo. 

Phlebotomine sand fly trapping was carried out in this enclosure between 

August 2006 and May 2008, when the facility was closed for refurbishment. At 

this time the macropods from this enclosure were moved to three different 

locations across the park. Agile wallabies were moved to either the ‘Picnic 

ground’ or ‘Woodland walk’ enclosures, nail-tail wallabies and the black 

wallaroo went to the ‘Woodland walk’ enclosure, and the antilopine wallaroos 

were relocated to the ‘Emu’ enclosure to form a new ‘Emu and Wallaroos’ 

display. Figure 4.1A shows the enclosure locations within the park during the 

course of this investigation. Sites for traps were placed either within or just 

outside the location of animals with suspected/confirmed Leishmania infection. 

From the beginning of the study northern wallaroos which were subsequently 

diagnosed with CL in September 2007 were located in the ‘Ex buffalo’ 

enclosure (formally used to house water buffalo). This was adjacent to the 

‘Emu and Wallaroo’ enclosure. The northern wallaroos were relocated to ‘Emu 
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and Wallaroos’ in October 2007. By January 2009 all northern wallaroos and 

antilopine wallaroos had been relocated back to the ‘Ex buffalo’ enclosure.  

An additional site selected on the park for trapping was the monsoon rainforest. 

This site was established in an attempt to find other species of phlebotomine 

sand flies that may be present in this region. It represented a different 

environment to the rest of the park as it was park of a pocket of monsoonal 

rainforest. There were no known infected animals in this particular area, 

although wild agile wallabies are common throughout the TWP, and able to 

enter and leave some of the enclosures at will. 

 

Humpty Doo 

A private property located just off Pioneer Drive, on Schomburgk Rd, Humpty 

Doo was also used as a site for phlebotomine sand fly trapping. The property is 

approximately 35km from Menzies and 25km from the TWP (Figure 4.2). This 

was the location of a pet Red kangaroo that had been previously identified with 

CL (Rose et al., 2004). The animal continued to show symptoms throughout the 

trapping period August 2006 until December 2007. The environment was 

slightly drier and more open than at the TWP. 



 

 

 

 

Figure 4.1: Territory Wildlife Park field sites.  

A) Google earth aerial image of the TWP showing various enclosures for sand fly trapping, B) Photograph of the ‘Woollybutts’ 
enclosure (14th April 2007) . 
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Figure 4.2: Schomburgk Rd property

 
4.2.2.  Sand fly collection by interception
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over animal burrows and in the ceilings of animal feeding stations. Traps were 

left overnight and checked the following day. 

Emergent traps consisted of a pole with a container (urine collection flask) at 

the top containing some sticky trap paper. Fine mesh fabric is attached to the 

collection container and pegged at four corners over an area to catch any 

emerging insects. Emergent traps were placed over fallen hollow trees or reptile 

burrows. Traps were left out overnight and checked the following day. 

Finally, the flight trap or malaise trap (Australian Entomological Supplies Pty. 

Ltd, Bangalow, NSW, Australia) was used to collect sand flies just outside the 

‘Emu and Wallaroo’ enclosure. This flight trap is a small oblong tent-like 

structure with a central wall rising to a point at one end and two short walls 

running perpendicularly at each end. Insects that flew into the trap were 

directed to one side upwards where they became trapped in a collection 

container containing 70% ethanol. The flight trap was left in place for a season 

and the collection jar was replaced each month (Figure 4.3B). 

 

4.2.3. Sand fly collection by attraction 

Various forms of light traps were used to attract sandflies. Light traps targeting 

the collection of biting midges (Culicoides spp.) have previously resulted in the 

collection of both Sergentomyia and Australophelebotmus phlebotomine 

species in Australia (Lewis and Dyce, 1982, Lewis and Dyce, 1983, Lewis and 

Dyce, 1988). The Encephalitis Vector Survey (EVS) trap (Australian 

Entomological Supplies Pty. Ltd) is designed to attract mosquitoes using both 

light and CO2 (Rohe and Fall, 1979). The light source used is a 1.5V, 70mA 

sub-miniature lamp powered by two 1.5V D cell batteries. Dry ice is held 

within the ‘billy can’ container above the light and has three holes to emit the 

CO2. Sand flies and other insects drawn to the trap will fly towards the 

attractants and are sucked up by a fan using a downward current into a 

collection container (catcher). The Medical Entomology branch of the NT 

government provided EVS traps along with some homemade 6V incandescent 
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light traps powered by a 6V disposable or rechargeable battery, again with a fan 

to suck the sand flies into a catcher. 

The standard miniature Centre for Disease Control (CDC) light trap model 

1012 (John W. Hock Company, Gainesville, Florida, USA) was the most 

frequently used light trap (Sudia and Chamberlain, 1988). It also consisted of a 

6 Volt light above a fan forcing a downward flow of air to suck insects into a 

catcher (Figure 4.4A). This trap was also supplemented with CO2 by attaching 

the billy can used for EVS traps containing dry ice above or close to the light 

source.  

Two types of animal baited traps were used to collect sand flies. A Shannon 

trap uses both the human (operator) as an attractant along with a fluorescent 

light source (Shannon, 1939). It consisted of a white cotton material designed 

into a large square tent with eaves around the edges; the fluorescent light source 

hangs inside the tent. Sand flies attracted to the human odour and the 

fluorescent light land on the white walls of the trap (Figure 4.4B), from which 

they can be collected using home-made Castro aspirator (Alexander, 2000). 

During the present study Shannon traps were operated at dusk for 1-2 h 

depending upon the numbers of sandflies observed and weather conditions.  

A variation of the Cone trap was also used to specifically collect sand flies that 

might be attracted to macropods (Montoya-Lerma and Lane, 1996). This trap 

consisted of a one man dome tent with a hole cut in each side of the tent. 

Funnels (cones) were placed in the openings. A captive antilopine wallaroo was 

anesthetised via dart by a trained veterinarian and placed within the tent for a 

period of 1-2 h after sunset or early morning. After the collecting period the 

wallaroo was removed and all biting insects were aspirated from the walls of 

the tent. 

 

4.2.4. Sample storage 

In the field, sand fly samples from sticky traps were collected into 5mL tubes 

containing a detergent solution to remove the castor oil for dissection and 
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identification. Alternatively they would be collected into 70% ethanol to 

preserve the DNA. 

The light trap collections were put in a fridge or freezer until the insects had 

been anesthetised and then pooled into 50 mL vials containing 70% ethanol. 

 



 

 

 

Figure 4.3: Trapping by interception. 

A) Sticky traps anchored in tree stump in the ‘Woollybutts
enclosure.

A 

Woollybutts’ enclosure; B) Flight trap located outside the ‘Emu and Wallaroo

B 
 

and Wallaroo’ 



 

 

 

Figure 4.4: Trapping by attraction. 

A) Standard Miniature CDC light trap within the ‘
‘Woollybutts’ enclosure. 

A 

Standard Miniature CDC light trap within the ‘Woollybutts’ enclosure; B) A Shannon trap carried out at sunset for 1

B 
 

B) A Shannon trap carried out at sunset for 1-2 h within the 



 

4.2.5. Laboratory processing of sand flies 

Phlebotomine sand flies from each trap were sorted from other blood-feeding 

insects and then further sorted by their sex. Individual sand fly records were 

maintained to document the collection method, location, date of collection, and 

sex. Additional information including if the females were gravid or contained a 

blood meal was also recorded. Initially, the sand fly head and thorax were 

removed to be cleared individually in lactophenol for identification; this was 

later changed to heads only. When the identifier became experienced enough to 

identify the sand fly to species level, whole bodies were stored without 

removing the head. Female sand flies were stored dry at -20°C either 

individually or pooled into a microtube (up to 10 per tube) for DNA extraction 

(section 5.2.1). 

Male sand flies were also identified to species level and then discarded. A 

subset of female and male sand flies were also made into permanent slide 

mounts for taxonomic reference. Reference samples were cleared for at least 18 

h in lactophenol (Labchem, Ajax Finechem). Using the dissecting microscope 

(x40 magnification) and fine dissecting needles, specimens were mounted onto 

76x26 mm microslides in Euparal® (Australian Entomological Supplies Pty 

Ltd). The heads were orientated ventrally to view the mouthparts, the remainder 

of the body was placed on its side with the wings spread. Cover slips (22x22 

mm) were placed on top to seal the mount. 

 

4.2.6. Sand fly identification 

Phlebotomine sand flies were identified by their distinct shape and 

characteristics including round eyes, hairy bodies, long legs and wings held in a 

V shape position (Figure 4.5). Sand flies of the genus Sergentomyia could be 

distinguished from Phlebotomus by the presence of recumbent hairs on the 

abdomen and a cibarial pigment patch. To taxonomically identify flies to a 

species level the taxonomic key of Lewis and Dyce (1988) was followed 

(Lewis and Dyce, 1988).  
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Figure 4.5: Australian phlebotomine sand fly from the genus Sergentomyia. 

 

To simplify identification the species were also distinguished using characters 

such as the length of the third antenna segment (A3) in relation to labrum 

length. For example, all sand flies seen with a dark brown head and A3 length 

shorter than that of the labrum were identified as S. queenslandi. Other features 

such as pigment of the cibarium, shape and number of teeth were also used to 

identify the species in females. The differences in the female cibarium 

morphology can be seen in Figure 4.6. In males the external genitalia were also 

used to determine the species.  
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A)  

B)  

C)  

D)  

Figure 4.6: Female cibarium from four Sergentomyia species. 

A) S. queenslandi, B) S. vanella C) S. hoogstraali and D) S. standfasti. 

 

• A3 < labrum 
• Dark brown boomerang 

shaped pigment patch 
• 28-105 hind teeth 
 

• A3 > labrum 
• Light brown triangular 

shaped pigment patch 
• 19-27 hind teeth with 

point 

• A3 > labrum 
• Light brown pigment 

nobby pigment patch 
• Jagged hind teeth (10-18), 

central ones shorter 

• A3 > labrum 
• Very dark brown pigment 

patch that obscures the 
cibarium view 

• Cibarium with lateral 
sides dark  
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4.2.7. Timeline 

Phlebotomine sand fly trapping was conducted using the various methods 

described for the period August 2006 to January 2009 at the TWP, Berry 

Springs. Trapping at Schomburgk Rd., Humpty Doo was carried out between 

August 2006 and January 2008. At the TWP multiple methods were used in 

different enclosures.  

Figure 4.7 summarises locations, trapping methods and time periods used. 

Collections were carried out for one week each month and the number of 

trapping nights was gradually reduced over the period. Collections were not 

carried out in June, July and August 2007. The majority of trapping was done 

using CDC light traps and Sticky traps, although other methods were used to 

ensure all sand fly species present at the TWP areas were accessed. 



 

 

 
 
 

 

 

 

 

 

 

 

 

 

 

 

 
 
 
 

Figure 4.7: Timeline for sand fly trapping at the TWP. 

Highlighted are nights per month, locations and collection methods used in the period August 2006 – January 2009
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4.3. RESULTS 

4.3.1. Numbers of sand flies collected 

Of the 3048 phlebotomine sand flies collected in total, 2789 were from the 

TWP and 259 were from the Schomburgk Rd. property. Specimens were 

identified to genus level as shown in Table 4.1. Of these sandflies, 2933 

(96.2%) were further identified to a species level. Four species were present in 

the collection, the most prevalent being S. queenslandi (97%).  

 

Table 4.1: Phlebotomine sand flies caught at the TWP and Schomburgk 

Rd. locations. 

Phlebotomine species ♀ ♂ Total 

S. queenslandi 1752 1088 2840 

S. hoogstraali 47 11 58 

S. vanella 16 2 18 

S. standfasti 12 5 17 

Sergentomyia spp. 58 58 116 

Total 1885 1163 3046 

 

The numbers of sand flies caught using each trapping method is shown Table 

4.2. The majority of sand flies, 2324 (76%) were caught using light as an 

attractant. A higher proportion of females and gravid females were seen in these 

collections. The CDC light trap >2 m caught the highest percentage of females 

(83%), although these results may be biased as 340 of the 424 were caught from 

one trap on one night.  

The flight trap showed the least bias for sand fly sex at 51%. It was operated 

permanently for a period of 8 months and collected 206 sand flies. In contrast, 
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sticky traps effectively caught more males (71%). In addition 18% of female 

sand flies collected using stick traps were gravid, while 67% were gravid in the 

flight trap. 

 

Table 4.2: Phlebotomine sand flies caught using each trapping method 
from both locations. 

Trapping method % Female % Gravid females* Total sand flies 

6V Light Trap 71 51 81 

CDC Light Trap  67 53 1136 

CDC Light Trap + CO2 65 43 478 

CDC Light Trap >2m 83 70 424 

Emergence Trap 22 100 9 

EVS Trap 59 10 104 

Flight Trap 51 67 207 

Shannon Trap 79 70 81 

Sticky Traps 29 18 528 

Total   3048 

*Calculated from total females 

 

4.3.2. Seasonal variations of Sergentomyia spp. from both locales 

Sandfly numbers for Schomburgk Rd., caught by trapping method and monthly 

variations, are given in Figure 4.8. Sticky trap numbers show the most 

variation, although a gradual increase in sand fly numbers can be seen in light 

traps during the period September to November. Sergentomyia spp. numbers 

dramatically drop at the onset of heavy monsoonal weather as seen in the 

months January 2007-April 2007, and again in January 2008. Sand fly trapping 
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was not carried out for the period June 2007-August 2007, due to an overseas 

field trip. 

Similar trends were observed at the TWP as shown in Figure 4.9. Trapping was 

undertaken for a longer period, up until January 2009. Sticky traps and CDC 

light traps both show an increase in sand fly numbers during the period from 

September to December each year. Dramatic drops are seen in November 2006, 

December 2007 and December 2008, which correlates with high rainfall. Very 

low sand fly numbers were observed from February to April each year. The 

Flight trap used from May 2008 until January 2009 shows a similar pattern to 

that observed for light traps. 

The predominant species S. queenslandi was observed in the collections all year 

round. For S. hoogstraali, 86% of specimens were collected in the  months of 

November, December and January whereas both S. standfasti and S. vanella 

were only collected in the months of November through to March (with 

exception of one specimen of the latter caught in an EVS trap in August 2006; 

(data not shown). 

 

4.3.3. Animal baited traps 

Two animal-baited traps were set, the first attempt was on the 20/05/2008 using 

an infected northern wallaroo (ID: 83212) as an attractant. Due to unforseen 

events the trapping did not occur until after dark between the hours 19:00 to 

21:00. No phlebotomine sand flies were observed in the trap, and only 

mosquitoes were collected: two Mansonia uniformis Theobald, five Culex 

annulirostris Skuse, one Anopheles farauti Laveron, one An. meraukensis 

Venhuis and one Coquelleltidiax xanthogaster (Edwards). 

A second attempt at sampling using an animal baited trap was carried out on the 

05/06/2008 using an antilopine wallaroo (ID: 920722), which was naturally 

infected with Australian Leishmania (chapter 3). Trapping was carried out from 

08:00 to 10:00. Again no phlebotomine sand flies were detected and no insects 

were collected, although biting midges were present. 



 

 

Figure 4.8: Seasonal variation of phlebotomine sand flies caught at Schomburgk Rd.  

No. of sand flies caught per sticky trap per night are measured on the right Y axis, the EVS light trap and CDC light trap are measured 
on the Left Y axis. The rainfall (mm) is also measured on the left Y axis. Nb. Sand fly trapping was not carried out in June, July and 
August 2007 
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Figure 4.9: Seasonal variation of phlebotomine sand flies caught at the TWP. 

No. of sand flies per sticky trap per night are measured on the right Y-axis, the Shannon trap, EVS light trap, CDC light trap and flight 
trap are measured on the left Y axis. Rainfall (mm) is also measured on the left Y axis. Nb. Sand fly trapping was not carried out in 
June, July and August 2007.

Aug
-0

6
Se

p-
06

O
ct-

06
N

ov
-0

6
D

ec
-06

Ja
n-

07
Fe

b-0
7

M
ar

-0
7

Apr
-0

7
M

ay
-0

7
Ju

n-
07

Ju
l-0

7
A

ug
-0

7
Sep

-07
O

ct
-0

7
N

ov
-0

7
D

ec
-0

7
Ja

n-
08

Fe
b-

08
M

ar
-0

8
Apr

-0
8

M
ay

-0
8

Ju
n-0

8
Ju

l-0
8

Aug
-0

8
Sep

-0
8

O
ct-

08
N

ov
-0

8
D

ec
-08

Ja
n-

09

0

20

40

60

80

200

400

600

0.0

0.1

0.2

0.3

0.4

EVS trap
CDC light trap
Shannon trap
Flight trap
Rainfall
Sticky trap

Month

A
ve

ra
g
e
 n

o
. s

an
d 

fie
s/

tr
ap

 n
ig

ht
 a

nd
 r
ai

nf
al

l (
m

m
)

no
.o

f snad flie
s /nig

ht/trap



 

4.3.4. Resting sites for Sergentomyia spp. 

A breakdown of the microhabitats within the ‘Woollybutts’ enclosure in which 

sand flies were caught (using sticky traps) on more than one occasion in a given 

trapping week are shown in Table 4.3. The data presented is from August 2006-

December 2006, when sticky traps were used intensively in this area. The 

highest number of sand flies caught on one sticky trap in one night was seven 

(4♀, 3♂) on cracked stump 2 in October 2006.  

 

Table 4.3: Resting sites for sticky traps at Woollybutts enclosure.  

Figures indicate number of sand flies per night per trap (5 nights). Only sticky 
trap microhabitats with more than one sand fly caught per month are shown. 

‘Woollybutts’ microhabitat Aug-06 Sep-06 Oct-06 Nov-06 Dec-06 

Tree buttress 0.08  0.10   

Feeding station 1 - roof (split wood) 0.10 0.08 0.08 0.13 0.34 

Feeding station 2 - roof (split wood) 0.15 0.28 0.11 0.16 0.49 

Feeding station 3 - roof (metal) 0.10 0.08    

Hollow log 1 0.40 0.16 0.08   

Cracked stump 1  0.56 0.67 0.15 0.32 

Hollow log 2   0.80 0.10  

Cracked stump 2   1.20 0.33 0.40 

Hollow log 3   0.40   

Hollow log 4    0.60  

Wooden eaves (corner post)     0.25 

Sheltered lattice     0.12 

 

 



   

   117

4.4. DISCUSSION  

For the first time in Australia, an intensive study has been conducted to identify 

a potential phlebotomine sand fly vector of Leishmania. Numerous collection 

methods were used to survey for all species within a localised area, in particular 

focusing on the TWP animal enclosures. A wide range of collection methods 

using both attraction and interception were employed to increase the chances 

that all species present would be collected. In addition, trapping was carried out 

in all months of the year using sticky traps and light traps. The CDC light traps 

proved to be the most efficient method for collecting sand flies as they were 

user friendly and consistently caught sand flies throughout the year.  

In total, 3046 sand flies were caught from the TWP and the Schomburgk Rd 

property over a period of two and a half years. This is a small number 

compared to those collected in other studies. A study conducted in Kenya in 

which five CDC light traps were used monthly for one week at the mouth of a 

cave collected 17 947 sand flies over two years, representing ten species 

(Johnson et al., 1999). Another study in the state of Rondonia in the Western 

Amazon of Brazil collected a total of 85 850 specimens, representing 78 species 

over a three-year period, using four CDC light traps and a Shannon trap for 5-6 

days per visit (22 visits) (Gil et al., 2003). In this report the most effective 

method was the Shannon trap where the relative abundance was recorded as 

83.4 Shannon flies per hour. The highest number of sand flies collected using 

the Shannon trap at the TWP was 26 per trapping night (2 h) in October 2006 

(Figure 4.9). 

In this collection four species of phlebotomine sand flies were identified at the 

TWP, all belonging to the genus Sergentomyia (Table 4.1). In contrast only two 

species, S. queenslandi and S. vanella, were detected at the Schomburgk Rd 

property (data not shown). To date there is no known documentation of the 

Sergentomyia genus as a proven vector of Leishmania, although S. garnhami is 

a suspected vector of Le. major in Kenya (Mutinga et al., 1994). The most 

abundant species in this collection was S. queenslandi, representing 96% of all 
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sandflies in the collection. This species is also the most widespread species in 

Australia. As mentioned previously, little is known about the blood feeding 

habits of Sergentomyia in Australia, but these insects are considered to bite 

predominately reptiles, as they do are elsewhere in the world (Lewis and Dyce, 

1988). 

Methods using interception are designed to have little bias towards any 

particular sand fly species. The use of sticky traps and the flight trap (May 

2008-January 2009) gave the best indications of species present and seasonal 

fluctuations (Figure 4.9). Seasonally, S. queenslandi showed a gradual increase 

in numbers during the build up to the wet season October through to December. 

This may be due to both an increase in temperature and humidity caused by 

increased rainfall. Higher numbers were also seen in the dry season as indicated 

by the light trap collections in June, July and August 2008. Total numbers of 

sand flies caught were clearly affected by heavy rainfall, with numbers 

dramatically dropping with the onset of the monsoon. This could simply be due 

to the fact that sand flies are unable to take flight at these times and rarely 

venture out to be attracted to a CDC light trap or stray into a sticky trap. 

Alternatively, the larval and pupal populations may be affected by these 

humidity and water-logging of breeding sites. There has been no previous 

research on the breeding sites, seasonality or lifecycles of sand flies in 

Australia. This makes it difficult to draw any conclusions about the seasonal 

behaviour of these Australian sand flies based only on this study. Interestingly, 

the less commonly collected species were more likely to have been caught 

during the wet season. Although this is difficult to explain, it may be related to 

their breeding sites and bloodmeal preferences. 

Many different types of microhabitats were targeted at the Woollybutts 

enclosure using sticky traps to collect sand flies from resting sites. The sand 

flies appeared to be mostly associated with dead cracked or split wood. This is 

possibly due to the moist environment and protection offered in these areas 

from exposure to wind, heat and rain. The most sand flies caught using sticky 
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traps was from cracked stump 2 (Figure 4.3). At the time of collection this 

stump received water everyday from the watering of the grassed area.  

Lewis & Dyce (1988) reported that many sand flies could be caught over reptile 

burrows. Unfortunately, there were few known burrows close to the enclosures 

chosen for sand fly trapping in this study. Although emergent and sticky traps 

were placed in a hollow tree which had a snake hole in its buttress root, large 

numbers of sand flies were never caught. Sticky traps were also mounted 

around the entrance to burrows of monitor lizards located close to the 

‘Woodland walk’ enclosure. No sand flies were collected from these traps. 

As the Australian Leishmania is a mammal-infecting species it is logical that a 

potential vector candidate would be associated with mammal blood meal 

preferences. While conducting sand fly trapping at these field sites, field 

workers were never bitten or witnessed sand flies biting the animals in these 

enclosures. Tame wallaroos or wallabies often ventured close to or lay 

underneath the Shannon trap while it was set. Mosquitoes and biting midges 

were usually attacking them at these times; but sand flies were never observed 

among these insects (unpublished observations). 

Two attempts were made to carry out sampling with an animal-baited trap 

(Figure 4.7), but no phlebotomine sand flies were detected on either of these 

occasions. Animal baited trapping was undertaken at two time points, once in 

the morning and once in the evening. The trapping that was conducted in the 

morning occurred at a later time than initially planned due to the length of time 

it took for the animal to be anesthetised. Similarly the trapping conducted in the 

evening was set up later than anticipated due to difficulties involved in darting 

the animal. To identify any potential mammal feeding sand flies in the area, this 

type of sampling should be ideally carried out on a more regular basis. 

Macropods are difficult to manage in these situations and are particularly 

flighty, easily stressed animals. If animal-baited traps were to be used in the 

future, logistical and ethical issues such as these would need to be addressed. 
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In summary, field collection of phlebotomine sand flies was carried out over a 

period of two and a half years in known sites of leishmaniasis infection. Four 

species from the genera Sergentomyia were identified and observations made 

on seasonality and resting sites. No species from the genus Phlebotomus were 

identified in these collections. Species from this genus are known to be present 

in the NT and these include P. acuminatus, P. brevifiloides and P. mackerrasi. 

Specimens for these species have been collected using light traps in previous 

studies (Lewis and Dyce, 1982). This study used light traps year round; it is 

likely that if Phlebotomus species were present in these areas they would have 

been caught using light traps. Given this and combined with the lack of 

Phlebotomus caught using other trapping methods such as sticky traps, the 

flight trap and Shannon traps, it can be concluded that sand flies from the 

Phlebotomus species either are not present or at very low densities at the TWP 

and the Schomburgk Rd property. 

Phlebotomine sand flies are the only biting fly known to transmit Leishmania 

worldwide. In the absence of a mammal-feeding Phlebotomus species, 

Sergentomyia must be considered as a candidate vector. In the following 

chapter the Sergentomyia collection is screened for Leishmania infection with a 

view to implicate one of the four sand fly species as a vector of Australian 

Leishmania.  
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5. SCREENING PHLEBOTOMINE SAND FLIES FOR 

AUSTRALIAN LEISHMANIA INFECTION  

 

5.1. INTRODUCTION 

One of the aims of this study was to implicate a species of phlebotomine sand 

fly as the vector of Australian Leishmania. Traditionally, manual dissection of 

the sand fly gut is used to detect flagellates, with subsequent direct culture of 

Leishmania spp. for identification. However this process is labour intensive and 

requires considerable experience and expertise in dissection. In more recent 

years, PCR has been used as a sensitive, specific and high throughput method 

for the initial screening of field collected sand flies for vector incrimination. 

Single or multi-copy genes targeted for PCR detection of Leishmania include 

kDNA (Aransay et al., 2000a), miniexon (Paiva et al., 2006), glucosephosphate 

isomerase (Wortmann et al., 2005), hsp70 (Garcia et al., 2007), glucose-6-

phosphate dehydrogenase  (Castilho et al., 2003) and ribosomal RNA (Gomez-

Saladin et al., 2005). The Leishmania kDNA is a useful target as it has 

approximately 10,000 copies per cell and its sequence has already been 

determined for most medically important Leishmania species. Due to the high 

copy number the PCR can be sensitive for detecting low numbers of parasites. 

Aransay et al. (2000a). developed a semi-nested approach and they were able to 

identify at least eight different species of Leishmania and detect parasite 

numbers as low as three per sand fly. Others have reported sensitivity of 0.1 

parasites and 10 pg per assay (Kato et al., 2005, Ranasinghe et al., 2008). 

The miniexon is another repetitive element used for detection. As previously 

mentioned in section 2.2.9 the miniexon has 100-200 tandemly repeated copies 

per genome and like the kDNA is specific to trypanosomatids. The miniexon 

contains a genus conserved exon of 39 nucleotides, a moderately conserved 
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intron (55-100 nucleotides) and a variable non-transcribed spacer (Fernandes et 

al., 1994). The characteristics of the miniexon sequence allows it to be used to 

detect parasites to the species level, a feature which has been utilised for 

Leishmania diagnosis from tissue samples using restriction fragment length 

polymorphism (Marfurt et al., 2003a, Marfurt et al., 2003b). Miniexon primers 

designed specifically for the subgenus Viannia have been used for Leishmania 

detection in field captured sand flies from the Brazilian state of Mato Grosso do 

Sul. The miniexon PCR was compared to manual dissection and PCR was 

found to be more sensitive, detecting infection in 3.90% of sand flies whereas 

manual dissection detected infection in only 1.24% (Paiva et al., 2006). In this 

study sand flies were PCR screened in pools of 10 to save time, an advantage 

for screening large numbers of sand flies.  

Martin-Sanchez et al. (2006) adapted a PCR-ELISA method into a pool screen 

PCR to estimate prevalence of infection in sand flies. Pools of 30 sand flies 

were used in the assay and the estimated prevalence was compared to 

specimens individually dissected. They found that prevalence did not differ 

between either of the methods used (Martin-Sanchez et al., 2001). However, by 

pool screening sand flies, large numbers can be processed quickly in the 

laboratory saving time and money on labour and consumables.  

Host-feeding preferences under natural conditions can be investigated through 

bloodmeal analysis of haematophagous insects. Traditionally, bloodmeals have 

been identified using serological methods, including the precipitin test (Weitz, 

1956), gel-diffusion assay (Crans, 1969) or ELISAs (Burkot et al., 1981). 

Serological assays require the production of specific antibodies against 

potential host species. This can be time consuming and in some situations when 

the feeding preference for a sand fly is unknown it is difficult to decide which 

vertebrates should be targeted for antibody production. Again PCR-based 

assays offer an alternative method. Haouas et al. (2007) developed a PCR 

targeting the single copy prepronociceptin gene to aid in the identification of 

Leishmania reservoir hosts via bloodmeal analysis. This gene is used in 

mammalian phylogenetic studies and many sequences are available on Genbank 
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to compare sequenced products using BLASTn. Mitochondrial genes including 

the 12S rDNA and cytochrome b have also been targeted using PCR for 

bloodmeal analysis in ticks and mosquitoes (Cadenas et al., 2007, van den Hurk 

et al., 2007). As mitochondrial genes are multi-copy the sensitivity of the PCR 

is increased when there are low quantities of template, such as partially digested 

bloodmeals. Van den Hurk et al. (2003) used a Taqman specific real-time PCR 

targeting the cytochrome b gene to identify bloodmeals in mosquitoes which 

had fed on agile wallabies, brush-tail possums or four species of Australian 

flying fox. This approach proved to be very sensitive, allowing 93.4% of 

bloodmeals to be identified.  

To complement PCR-based assays for screening sand flies and identifying 

bloodmeals, researchers have also targeted insect DNA for identification of 

phlebotomine species. Kato et al. (Kato et al., 2005) used a PCR targeting the 

nuclear 18S rDNA gene, followed by restriction fragment polymorphism to 

identify Lutzomyia species screened by PCR for Le. mexicana in the Andes of 

Ecuador. This allowed all infected sand flies to be easily identified as 

Lutzomyia ayacuchensis. Advantages to using PCR-based methods include that 

they are relatively easy and large numbers of sand flies can be processed. PCR 

amplification of the 18S rDNA gene of sand flies can be used for quality testing 

of sand fly DNA extractions and sequences can be compared to other known 

phlebotomine vectors via phylogenetic analysis (Aransay et al., 2000b, Kato et 

al., 2007). 

As described in chapter 4, 1885 female sand flies from the genus Sergentomyia 

were collected and identified: a genus not yet proven to be involved in the 

transmission of Leishmania anywhere in the world. In this section of the study, 

to help establish if Sergentomyia is involved in the transmission of Australian 

Leishmania, a molecular characterisation of Sergentomyia was undertaken 

using the 18S rDNA gene and using the Australian Leishmania specific real-

time PCR the collection was screened for Leishmania infection. In addition, as 

the host feeding preferences are relatively unknown for Australian 
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Sergentomyia, the vertebrate 12S rDNA PCR was selected for bloodmeal 

analysis, using the primers designed by Cadenas et. al. (2007).  
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5.2. METHODS 

5.2.1.  DNA extraction of phlebotomine sand flies 

Female phelbotomine sand flies collected and sorted in the previously chapter 

(section 4.2) were used for DNA extractions using 2 different kits. The majority 

were extracted using the Qiagen DNeasy Blood & Tissue Kit (Qiagen). The 

Qiagen DNeasy Blood & Tissue Kit was used to extract DNA from stored 

female sand flies (4.2.4). Individual (x1) or pooled samples (1-10) were 

homogenised in ATL buffer containing proteinase K prior to the digestion step. 

After digestion, the manufacturer’s protocol for animal tissues was followed. 

Elution was carried out using 200 µL AE buffer which was run twice over the 

Qiagen column leaving a final volume between 180 µL to 200 µL. DNA 

extractions were stored at -20ºC. 

The Wizard® Genomic DNA Purification Kit (Promega) was also used for sand 

fly DNA extractions following the manufacturer’s protocol. Individual or 

pooled samples were homogenised in Nuclei Lysis Solution containing 

proteinase K prior to the digestion step, after digestion the manufacturer’s 

protocol for preparation of mouse tail and tissue lysates was followed. DNA 

was eluted using 200 µL DNase free water which was run through the column 

twice. This resulted in 180 to 200 µL of eluate which was stored at -20ºC. 

Some male sand flies were also processed individually or as pools to be used in 

the optimisation of the real-time PCR Leishmania detection assay (2.2.9). These 

were used as negative controls or positive controls by spiking the DNA 

extraction with Leishmania culture (2.2.3).  

 

5.2.2. PCR and sequencing of the 18S rRNA gene from  Australian 

sand flies. 

The primers Lu.18S rRNA-1S 5’- TGCCAGTAGTTATATGCTTG -3’ and 

Lu.18S rRNA-1R 5’- TTACGCGCCTGCTGCCTTCC -3’ (Kato et al., 2005) 

designed specifically for the partial sequence of the Lutzomyia 18S rRNA gene 
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were used to amplify the 18S rDNA from each species in the collection. 

Reactions were carried out using the conditions described in Kato et al. with 0.4 

µM of primer, 2 mM of dNTPs (Roche), 1x reaction buffer (Qiagen), 1 U of 

Taq polymerase (Qiagen) and 1 µL of DNA extract in a total volume of 25 µL. 

Thermocycling consisted of an initial denaturation of 95°C for 2 min, followed 

by 35 cycles of 95°C for 1 min, 55°C for 1 min and 72°C for 1 min. This 

produced an expected product of approximately 450 bp. Products were purified 

using the QIAquick® PCR purification kit and sequenced. Quantification, 

sequencing and sequence analysis were done as described in section 2.2.11. 

Two single sand fly DNA extractions, i.e. 2 specimens for each species of 

Sergentomyia were used to make a consensus sequence, except for S. vanella 

where only one specimen  was used. One PCR product was sequenced from 

each chosen specimen using the same primers  used in the PCR. 

 

5.2.3. 18S real-time PCR  

The primers Ser: 18S-F 5’-GTTTCTCAGGCTCCCTCTCC-3’ and Ser: 18S-R 

5’-CTTGCACCGACGATAGATCA-3’ were designed to amplify a 127 bp 

region of the Australian Sergentomyia 18S rRNA gene. Reactions were set up 

in duplicate and consisted of 1 x Platinum® SYBR® Green qPCR SuperMix-

UDG (Invitrogen), 0.3 µM of each primer and 2 µL neat DNA extraction in a 

total volume of 10 µL.  Cycling conditions were: 50°C for 2 min, 95°C for 2 

min followed by 40 cycles of 95°C, 15 s; 60°C, 20 s; 72°C, 30 s acquiring to 

cycling A Green using the Rotor-Gene™ 2000 or 6000 (Corbett Life Science). 

 

5.2.4.  Australian Leishmania screening using real-time PCR 

Two microlitres of phlebotomine sand fly DNA extract was screened for 

Australian Leishmania using the Taqman PCR described in section 2.2.9.  
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5.2.5.  Bloodmeal identification using PCR and sequ encing 

Individual female sand flies found to contain evidence of a blood meal were 

processed, identified and screened other female sand flies. Vertebrate DNA was 

targeted for sequence analysis to identify sand fly bloodmeals. A partial 

sequence (155 bp) of the mitochondrial vertebrate 12S rRNA gene was 

amplified using published primers 12S-6F 5’–CAAACTGGGATTAGATACC–

3’ and B-12S9R 5’-AGAACAGGCTCCTCTAG-3’ (Cadenas et al., 2007). The 

reaction mix consisted of 1 x PCR buffer (Qiagen), 0.2 mM dNTPs (Roche), 2 

units of Taq DNA polymerase (Qiagen) and 2 µL of neat DNA extraction in a 

50 µL reaction. Thermocycling consisted of an initial denaturation step of 95°C 

for  3 min, followed by 35 cycles of 95°C, 30 s; 52°C, 30 s; 72°C, 30 s. 

Purification, sequencing and analysis was performed as per section 2.2.11 using 

the vertebrate 12S rRNA primers. 
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5.3. RESULTS 

5.3.1. 18S rRNA gene sequence analysis 

A 449 bp consensus sequence (GenBank accession: 1373363) of the 18S rRNA 

gene was produced for the S. queenslandi samples. BLASTn results showed 

that this sequence matched closely with S. magna (AJ391741) giving a 

maximum identity of 99% (445/448 bp). The 437 bp consensus sequence for S. 

hoogstraali (1373371) also showed maximum identity of 99% (434/436 bp) 

with S. magna, while BLASTn analysis of 403 bp sequenced from S. standfasti 

(1373382) gave 95% match to S. ghesquierei (387/405 bp), S. clydei (386/404 

bp) and S. magna (385/404 bp). Only 308 bp of S. vanella (1373366) was 

sequenced due to a poorer sequence quality and time constraints. S. vanella also 

shared maximum identify with S. magna of 99% (307/308).  

All consensus sequences were trimmed down to the length of S. vanella 

sequence and aligned using ClustalW, including the S. magna sequence, as 

shown in Figure 5.1. The sequences for S. vanella and S. hoogstraali were 

identical for this 309 bp. The only variation between these two species and S. 

queenslandi were at positions 155, 156 and 157. The S. magna sequence also 

matched that of S. vanella, S. hoogstraali and S. queenslandi with variation 

between these species once again only seen at positions 155, 156 and 157. The 

most divergent species appears to be S. standfasti with nine polymorphisms 

relative with the S. queenslandi sequence. 

 

5.3.2. 18S rRNA gene real-time PCR 

The 18S rRNA gene real-time PCR was used during assay optimisation to test 

for amplifiable DNA and inhibition in sand fly DNA extractions. The Qiagen 

kit was found to be more reliable than the Wizard purification kit with lower Ct 

values and tighter replicates (data not shown).  
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Figure 5.1: ClustalW alignment for partial sequence of the Sergentomyia 
18S rRNA gene. 

Sequence comparison of 309 bp for 5 Sergentomyia spp., including S. magna 
(AJ391741).  

  

10 20 30 40 50 60
....|....|....|....|....|....|....|....|....|....|....|....

S.queenslandi AAGGCTCAGTATAACAGCTATTATTTATTTGATCGTAAACATAGTTACTTGGATAACTG
S.vanella AAGGCTCAGTATAACAGCTATTATTTATTTGATCGTAAACATAGTTACTTGGATAACTG
S.hoogstraali AAGGCTCAGTATAACAGCTATTATTTATTTGATCGTAAACATAGTTACTTGGATAACTG
S.standfasti AAGGCTCAGTACAACAGCTATTATTTATTTGATCATAAACATAGTTACTTGGATAACTG
S.magna AAGGCTCAGTATAACAGCTATTATTTATTTGATCGTAAACATAGTTACTTGGATAACTG
Clustal Consensus *********** ********************** ************************

70 80 90 100 110 120
....|....|....|....|....|....|....|....|....|....|....|....

S.queenslandi GGTAATTCCAGAGCTAATACATGCAAACAACATGGATCCCTGTAGCAATATGGGTGAAA
S.vanella GGTAATTCCAGAGCTAATACATGCAAACAACATGGATCCCTGTAGCAATATGGGTGAAA
S.hoogstraali GGTAATTCCAGAGCTAATACATGCAAACAACATGGATCCCTGTAGCAATATGGGTGAAA
S.standfasti GGTAATTCCAGAGCTAATACATGCAAACAACATGAATCCCTGTAGCAATACGGGTAAAA
S.magna GGTAATTCCAGAGCTAATACATGCAAACAACATGGATCCCTGTAGCAATATGGGTGAAA
Clustal Consensus ********************************** *************** **** ***

130 140 150 160 170 180
....|....|....|....|....|....|....|....|....|....|....|....

S.queenslandi ATGTGCTTTTATTAGATTAAAACCATGTCCATCTCTCGATGGATTTGTTTTAGATGAAT
S.vanella ATGTGCTTTTATTAGATTAAAACCATGTCCATCTTT-GATGGATTTGTTTTAGATGAAT
S.hoogstraali ATGTGCTTTTATTAGATTAAAACCATGTCCATCTTT-GATGGATTTGTTTTAGATGAAT
S.standfasti ATGTGCTTTTATTAGATTAAAACCATGTCCATTTAACGATGGATT-GTTTTAGATGAAT
S.magna ATGTGCTTTTATTAGATTAAAACCATGTCCATCTCT-GATGGATTTGTTTTAGATGAAT
Clustal Consensus ******************************** *   ******** *************

190 200 210 220 230 240
....|....|....|....|....|....|....|....|....|....|....|....

S.queenslandi TGGATAATTATGGCTGATCGTATGGTCTTGCACCGACGATAGATCATTCAAATGTCTGC
S.vanella TGGATAATTATGGCTGATCGTATGGTCTTGCACCGACGATAGATCATTCAAATGTCTGC
S.hoogstraali TGGATAATTATGGCTGATCGTATGGTCTTGCACCGACGATAGATCATTCAAATGTCTGC
S.standfasti TGGATAATTATGGCTGATCGTATGGTCTTGCACCGACGATAGATCATTCAAATGTCTGC
S.magna TGGATAATTATGGCTGATCGTATGGTCTTGCACCGACGATAGATCATTCAAATGTCTGC
Clustal Consensus ***********************************************************

250 260 270 280 290 300
....|....|....|....|....|....|....|....|....|....|....|....

S.queenslandi CTATCAACTATTGATGGTAGTATAGAGGACTACCATGGTTGCAACGGGTAACGGGGAAT
S.vanella CTATCAACTATTGATGGTAGTATAGAGGACTACCATGGTTGCAACGGGTAACGGGGAAT
S.hoogstraali CTATCAACTATTGATGGTAGTATAGAGGACTACCATGGTTGCAACGGGTAACGGGGAAT
S.standfasti CTATCAACTATTGATGGTAGTATAGAGGACTACCATGGTTGCAACGGGTAACGGGGAAT
S.magna CTATCAACTATTGATGGTAGTATAGAGGACTACCATGGTTGCAACGGGTAACGGGGAAT
Clustal Consensus ***********************************************************

....|....

S.queenslandi AGGGTTCGA
S.vanella AGGGTTCGA
S.hoogstraali AGGGTTCGA
S.standfasti AGGGTTCCA
S.magna AGGGTTCGA
Clustal Consensus ******* *
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5.3.3. Sand fly screening  

A combined total of 1818 female sand flies from the TWP and Schomburgk Rd. 

were screened for Australian Leishmania DNA using real-time PCR. The 

numbers screened from each species are summarised in Table 5.1 and Figure 

5.2. The majority screened were S. queenslandi, of these 937/1697 (55%) were 

recorded as gravid. Overall 954/1818 (52%) of females screened were gravid 

from all species. For the remainder there were no visual features (refer to 

section 6.2) to determine if they had previously acquired a bloodmeal.  

Sand flies were screened in all months of the year for S. queenslandi Figure 5.2. 

The small numbers screened for S. hoogstraali and S. standfasti were restricted 

to the wet season. All sand flies tested negative for Australian Leishmania 

DNA. 

 

Table 5.1: Total numbers of sand flies screened for Australian Leishmania. 

Species No. of ♀ sand flies  

 

Sergentomyia queenslandi 1697 

Sergentomyia hoogstraali 44 

Sergentomyia vanella 13 

Sergentomyia standfasti 11 

Sergentomyia spp. 

 

53 

 

Total 1818 
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Figure 5.2: Total sand flies screened from each month of the year. 

Includes all sand flies trapped between August 2006 – January 2009. 
 
5.3.4. Sand fly bloodmeal analysis 

The mitochondrial vertebrate 12S rRNA gene PCR was employed to analyse 22 

female sand flies with a suspected bloodmeal. The BLASTn results from 

sequencing of PCR products are summarised in Table 5.2. Ten samples failed 

to amplify any product or produced a faint product which failed to sequence. 

Twelve samples amplified single bands and sequencing results gave the 

BLASTn identity matches above 90%. In one sample (MSHR no_30209) two 

separate PCR products were sequenced, one PCR product matched to human 

DNA and the other PCR product matched to macropod DNA. A further match 

with human DNA was found in six sand flies and to macropod DNA in one 

other sample (MSHR no_201275). BLASTn results gave closest matches with 

reptiles including gecko, lizard and goanna in four bloodmeal samples. Finally, 

one PCR product from (MSHR no_200097) matched with amphibian DNA.  



     

   132

Table 5.2: Sand fly bloodmeal analysis.  

MSHR_Num Collection 
Date 

Species BLASTn result Identity (%)  

200097 21/09/2006 S. queenslandi 
Litoria rubella 

(Desert tree frog) 
80/87 (91%) 

200272 14/10/2006 S. queenslandi Human 
84/84 

(100%) 

200315 14/11/2006 S. queenslandi No product - 

200380 5/12/2006 S. queenslandi No product - 

200369 5/12/2006 S. queenslandi Human 
90/90 

(100%) 

200396 6/12/2006 Sergentomyia sp. 
Strophurus williamsi 
(Spiny-tailed gecko) 

76/81 (93%) 

200647 18/02/2007 S. standfasti 
Hemidactylus frenatus 

(Common house 
gecko) 

100/101 
(99%) 

200941 27/09/2007 S. queenslandi Faint product - 

200981 5/12/2007 S. queenslandi Human 93/94 (98%) 

201006 23/10/2007 S. queenslandi Human 70/73 (95%) 

201044 26/10/2007 S. queenslandi No product - 

201108 27/11/2007 S. queenslandi No product - 

201196 29/11/2007 S. queenslandi Faint product - 

201207 29/11/2007 S. queenslandi Faint product - 

201222 29/11/2007 S. queenslandi Human 74/80 (92%) 

201275 30/11/2007 S. queenslandi 
Lagorchestes hirsutus 

(Macropod) 
92/92 

(100%) 

201746 30/07/2008 S. queenslandi Faint product - 

202154 21/11/2008 S. queenslandi Faint product - 

202301 29/11/2008 S. queenslandi 
Crytoblepharous 

boutonii 
(Lizard) 

95/103 
(92%) 

202310 29/11/2008 S. queenslandi No product - 

202311 29/11/2008 S. queenslandi 
Varanus metensi 

(Goanna) 
87/91 (95%) 

300209 30/11/2007 S. queenslandi 
Human & Potorous 
platyops (Macropod) 

83/90 (92%) 
& 93/93 
(100%) 
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5.4. DISCUSSION 

Sequence analysis of the conserved 18S rRNA revealed that the Australian 

Sergentomyia species were most closely related to an African Sergentomyia 

spp., in particular S. magna. This genus is distributed throughout the Old World 

and is particularly abundant in tropical areas where Phlebotomus is rare (Lane, 

1993). The divergence of S. standfasti from the other three species present in 

the collection is interesting. From the sequence analysis it appears that 

Australian S. queenslandi, S. vanella and S. hoogstraali are more closely related 

to S. magna found in Africa than S. standfasti is to this species. The molecular 

divergence of S. standfasti seen in the alignment suggests very different sand 

fly morphology and behaviour. Little is known about S. standfasti in Australia 

and this collection represents one of only three collections ever made; other 

specimens have been collected at Nourlangie and Mudginberri station, both in 

the NT (Lewis and Dyce, 1988). The most striking morphological difference 

between S. standfasti and the other three species is the heavily pigmented 

cibarium as shown in Figure 4.6. Further analyses with a broader coverage of 

the 18S rRNA region using larger number of sequences from Sergentomyia spp. 

would give further insights into this interesting species and its origins.  

All 1818 female sand flies screened from our collection using real-time PCR 

were negative for Australian Leishmania. This represents the majority of female 

sand flies collected over the period August 2006 to January 2009 (section 4.3) 

in known areas of existing transmission.  

There is no defined rule for the total numbers of sand flies required to be 

screened to discount them as vectors. In published vector studies the prevalence 

of infection and numbers of sand flies screened varies. Oshaghi et al. (2009) 

reported a 0.94% (9/954) infection rate for P. perfeliewi transaucasicus 

specimens individually screened using semi-nested PCR targeting the kDNA. 

This evidence, in combination with its relative abundance and preference for 

human blood, was enough to prove that P. perfeliewi transaucasicus plays a 

major role in VL transmission in Iran.  
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In contrast another study screened small numbers of mixed sand fly species 

collections from two localities in Ecuador (Chanchan and Alausi). PCR results 

indicated 1.7% (2/115) and 5.9% (4/68) prevalence of infection respectively 

(Kato et al., 2005). The Le. mexicana infected sand flies from mixed screening 

were subsequently identified as Lu. ayacuchensis, thus incriminating them as 

vectors of Leishmania in the regions studied.  

A sand fly survey was conducted at the Tahill Air Base in Iraq during the 

months April-October 2003 and again in 2004. In the 2004 survey a total of 10 

115 female sand flies were screened using a generic Leishmania PCR. The 

prevalence of infection for pooled samples (683 pools, average 12 per pool) 

screening varied from 19.05-39.34% over the sand fly season (Coleman et al., 

2006).  

During the present study 1697 of S. queenslandi trapped throughout the year 

were screened by PCR and shown to be negative. Of these 55% were found to 

be gravid indicating they had at least acquired one bloodmeal It could not be 

determined if the other specimens of S. queenslandi had previously acquired a 

bloodmeal before being screened. Thus, even allowing for a prevalence of 

infection of less than 1%, it is likely at least 9 positive sand flies would have 

been detected. It is unlikely, if this species was the vector of Australian 

Leishmania that no specimens in the collection would be shown to be infected. 

In contrast less than 50 sand flies for each of the other species in our collection 

were screened, and therefore this is probably insufficient numbers to rule them 

out as possible vectors of Australian Leishmania. However, given the low 

abundance relative to S. queenslandi it would still appear they are unlikely 

vector candidates. 

Further evidence that Australian Sergentomyia spp. may not be playing a role in 

Leishmania transmission is given in the bloodmeal analysis results. The genera 

Sergentomyia are considered to feed predominately on reptiles (Lane, 1993, 

Lewis and Dyce, 1988). However there are some species that are known to bite 

human, for example for S. garnhami, S. babu and S. schwetzi (Mukherjee et al., 
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1997, Lawyer et al., 1990, Mutinga et al., 1994). There is little evidence that 

any of the Australia Sergentomyia spp. or even Phlebotomus spp. are normally 

anthropophilic. Bloodmeal results from the present study indicate that 

Australian Sergentomyia feed predominately on reptiles and amphibians. The 

results showing the source of bloodmeal as human are probably artefacts of 

DNA extraction contamination, noting that the no template controls in PCR 

reactions were negative. Evidence of contamination is shown by the incidence 

of two results from a single sample (macropod/human) and also in a faint band 

seen from a PCR carried out on a male sand fly (data not shown). There are 

several possible sources of this contamination. The first potential source is the 

sand fly field collection and dissection, with human DNA possibly present 

on/or within trap collection containers and dissecting needles/tweezers when 

sorting and identifying sand flies. The finding of macropod as a bloodmeal 

source is also suspect. The same DNA extraction kits used for tissue DNA 

extractions in chapters 2 and 3 were also used for DNA extraction from sand fly 

bloodmeals. Despite careful aseptic technique and the use of sterile filter-tips, 

this sensitive cross-species specific vertebrate PCR in the absence of enough 

genuine bloodmeal template DNA may amplify contaminating foreign 

template. 

In conclusion, the evidence presented indicates that it is unlikely phlebotomine 

sand flies play any role in Australian Leishmania transmission. There are 

numerous reasons for this. Firstly, all sand flies collected were Sergentomyia 

spp., showing a blood-feeding preference for reptiles. Secondly, all female sand 

flies screened using an extremely sensitive Australian Leishmania specific real-

time PCR (section 2.2.9/2.3.5) were negative. Finally, given the prevalence of 

Leishmania infection in macropods from the same environment it is extremely 

probable positive sand flies would have been collected if they were present. In 

the absence of a phlebotomine sand fly vector candidate an alternative route of 

transmission must be considered. 

 



     

   136

  



   

   137

6. DISCOVERY OF AUSTRALIAN LEISHMANIA 

INFECTION IN DAY-FEEDING MIDGES, FORCIPOMYIA, 

SUBGENUS LASIOHELEA KIEFFER (DIPTERA: 

CERATOPOGONIDAE)  

 
 

6.1. INTRODUCTION 

Despite extensive collections, bloodmeal analysis and real-time PCR screening 

of phlebotomine sand flies, no evidence was found to suggest that these insects 

transmit Australian Leishmania. Thus an alternative vector must be considered. 

Incriminating a vector for Leishmania is difficult and there are examples where 

the vector for zoonotic leishmaniasis is still unknown. Examples already 

mentioned include CL caused by Le. donovani in Sri Lanka (Nawaratna et al., 

2009), the suspected new Leishmania species causing VL in Thailand (Sukmee 

et al., 2008) and CL caused by Le. major in Taiwan (Lee et al., 2009, Katakura, 

2009). In order to incriminate a vector for Leishmania causing zoonotic CL 

several criteria must be satisfied. As previously discussed in chapter 1 (section 

1.5.4) these include the following:  

A) the vector species feeds on the reservoir and human host,  

B) the vector supports full development of the parasite and is not excreted 

with the bloodmeal,  

C) the parasites found in the vector are indistinguishable from those found 

in the human and reservoir,  

D) and finally, transmission must occur through the bite of the sand fly 

vector (Killick-Kendrick, 1999). 
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In the NT biting flies are common pests of both livestock and humans and their 

blood-feeding behaviour has been studied. An extensive study conducted from 

November 1974 to December 1976 on the bloodmeals of biting midges and 

mosquitoes at Beatrice Hill (55 km south-east of Darwin) gives some clues 

toward the identity of potential alternative vectors of Australian Leishmania. 

Bloodmeals were identified using the agar-diffusion precipitin technique and 

the haemaglutination-inhibition test from over 11000 insects (7000 biting 

midges, 4000 mosquitoes). Species highlighted in this study that fed on 

marsupials (predominantly agile wallabies) included five species of biting 

midge Culicoides brevitarsis Kieffer, C. bundyensis Lee & Reye, C. marksi Lee 

& Reye, Co. pallidothorax Lee & Reye and C. sp. nr marmoratus (Skuse). A 

wide variety of mosquito (Diptera: Culicidae) species were found with 

marsupial bloodmeals including Aedes lineatopennis Ludlow, Ae. reesi King, 

Ae. vigilax (Skuse), An. annulipes Walker, An. bancroftii Giles, Coquillettidia 

xanthogaster, Cx annulirostris, Cx. pullus Theobald, Cx. quinquefasciatus Say 

and Ma. uniforms (Muller et al., 1981). The day-feeding biting midge, F. 

(Lasiohelea) spp. Kieffer also had six bloodmeals identified, with four 

confirmed as of marsupial origin (Muller et al., 1981). The biting midges from 

this genus differ in behaviour to the Culicoides genus in that they have a diurnal 

biting behaviour whereas the Culicoides spp. are generally crepuscular or 

nocturnal (Kettle, 1984a, Muller and Murray, 1977).  

The Culicoides spp. are capable of acquiring several bloodmeals, developing 

eggs and oviposition in two to four days depending on the species (Kettle, 

1984a). In the laboratory, adult day-feeding F. (L.) townsvillensis egg 

development takes four to five days and adults can survive up to 30 days(Cribb, 

2000). As previously discussed in chapter 1 (section 1.3.4) the Leishmania 

promastigote replicates within the sand fly gut over a period of four to five 

days. This means that biting midges with the appropriate lifecycle could 

theoretically transmit Leishmania. 

As previously mentioned in chapter 4 biting midges and mosquitoes were 

observed feeding on tame agile wallabies during the operation of the Shannon 
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trap. During the day the TWP veterinarian has also noted the persistent biting of 

midges during the transportation of the infected black wallaroo (section 2.3.1) 

between enclosures (Jody Low Choy personal communications). I also 

observed the intense biting of humans and animals by flies from the family 

Tabanidae (horse fly/march fly) during the course of this study. This persistent 

biting behaviour could result in mechanical transmission of Leishmania. As 

mentioned in chapter 1 (section 1.5.5) mechanical transmission of Le. major by 

Glossina morsitans morsitans (Diptera: Glossinidae) and Le. mexicana by 

Stomoxys calitrans (Diptera: Muscidae) has been experimentally demonstrated 

(Lainson and Southgate, 1965, Lightner and Roberts, 1984). 

In this chapter we utilise stored insect collections to further screen biting flies 

for Australian Leishmania. To target day-feeding insects further collections 

were undertaken using both CO2 traps and manual aspiration on captive 

wildlife. Observations, screening using real-time PCR, manual gut dissection 

and immunohistochemistry have implicated a non-sand fly vector for Australian 

Leishmania.  
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6.2. METHODS 

 
6.2.1. Identification and pooling of biting midges from light trap, 

flight trap and sticky trap collections 

Biting midges were sorted from stored TWP light trap and sticky trap 

collections (section 4.2.4). Initially all biting midges were sorted in pools of up 

to 10 specimens without the identification of genera. Subsequently Culicoides 

spp. were separated (patterned wings) and the species identified using the 

unpublished taxonomic key for NT and WA species developed by Anderson 

and Bellis for the identification Culicoides spp. using visible characters of 

unmounted specimens. Using this key each species is identified using distinct 

patterns seen on the wings (Bellis and Anderson, 2009). In addition only 

Culicoides specimens that were parous were selected for screening. Parous 

midges have a burgundy pigmentation indicating they have previously laid 

eggs, i.e. they have undergone at least one ovarian cycle (Dyce, 1969) (Figure 

6.1). 

Thirteen pools of C. bundyensis and 12 pools of C. marksi, collected from light 

traps placed at Beatrice Hill farm in 2008, were kindly identified and provided 

by Glenn Bellis (NT Australian Quarantine Inspection Service).  

Day-feeding midges caught in TWP light, flight and sticky traps from the 

subgenus Lasiohelea were distinguished from other biting midges by their plain 

transparent wings, usually brown bodies and 15 segmented antennae that 

ending in terminal papillae (Figure 6.1). 
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Forcipomyia, subgenus 

 Source ID 100015 

spiration from macropods  

model 1012 (John W. Hock Company) 

light switched off. This trap was 

an used for EVS traps 

 was removed to allow 

A. Traps were operated 

captive wildlife during the day were collected 

made Castro aspirator 

periods of 1-2 h between 0930 

Specimens collected using either of these methods were stored in 70% ethanol 
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nulliparous (no previous ovarian cycle) females were included as negative 

controls. In addition, some specimens were also used for bloodmeal analysis as 

well as Australian Leishmania screening. 

 

 

A)  B)  

Figure 6.2: Day-feeding insect trapping. 

A) Day CO2 trap. B) Manual aspiration from captive wildlife. 
 
 
6.2.3. Slide preparation and identification of F. (Lasiohelea) 

species 

Day-feeding midges that had been manually dissected or undergone non-

destructive DNA extraction were mounted for identification following the 

method by Meiswinkel (1995). Briefly, individual specimens were put in 96% 

ethanol for 1 hr and cleared in 10% KOH overnight. The KOH was neutralised 

and the specimens were dehydrated in 10% acetic acid for 30 min. Specimens 

were then transferred to 96% ethanol for 2 h and immersed in clove oil for a 

minimum of 12 h before mounting specimens in Euparal (Meiswinkel, 1995). 

Species identification was carried out using the Debenham taxonomic key for 

Australasian species (Debenham, 1983). The identification of species within 

our collection was simplified using the segment III of the maxillary palpus and 
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the capitate sensilla (located on the palpus) which vary in shape and structure, 

respectively, for each of the collected species (Figure 6.3). Advice was sought 

from an expert on Australian biting midges, Dr Martin Shivas, who confirmed 

that a new undescribed species was present in the collection. Along, with 

differing palpi in female specimens, the teeth on the mandibles for the F. 

(Lasiohelea) n. sp.  were larger and more defined (sharper) compared to F. (L). 

townsvillensis and F. (L). peregrinator. 

Specimens of F. (L). townsvillensis from the Brisbane area, QLD were kindly 

provided by Dr Martin Shivas (Brisbane City Council) for comparison with NT 

specimens both morphologically and genetically. 

 

Figure 6.3: Distinct palpi from the F. (Lasiohelea) n. sp. and NT F. (L.) 
townsvillensis. 

A) F. (Lasiohelea) n. sp., the capitate sensilla (arrowed) are distributed 
sporadically (x400). B) NT F. (L.) townsvillensis, the sensilla lie within a 
clearly defined border (x400). 

 

6.2.4. DNA extraction and real-time PCR screening 

DNA was extracted from individual or biting midge pools as per section 5.2.1. 

A non-destructive method was also used for extracting DNA from day-feeding 

midges. Individual specimens were digested for 3 h in the proteinase K/ALT 

solution without homogenisation. Intact individual samples were then removed 

for morphological identification (section 6.2.3). The remaining solution was 

then purified as per section 5.2.1 

A B 



     

   144

 

6.2.5. Manual dissection of F. (Lasiohelea) species 

Manual dissection of live female day-feeding F. (Lasiohelea) sp. caught by 

manual aspiration and day CO2 CDC traps was performed for a subset of 

midges. The insects were placed on ice in a small (30 mm diameter) Petri dish 

containing 0.05% Tween 20 in 1 x PBS until dissection. After placing each 

specimen on a microslide (76x26 mm), the head was removed from the thorax 

allowing the foregut to slide out of the head. Fine needles were used to hold the 

thorax while the last segment of the abdomen was slightly cut. The gut was 

gently removed from the lower abdomen by placing pressure (using the fine 

needles) on the thorax and abdomen and pulling in opposite directions. A cover 

slip was placed over the gut and examined for flagellates under high power 

magnification (x400/x1000).  

 

6.2.6. In vitro culture and DNA sequence confirmation of Australia n 

Leishmania infected F. (Lasiohelea) species 

Protozoa identified within the intestinal tracts of midges were used to inoculate 

cultures by pipetting 50 µL of 1 x PBS onto the dissection slide and gently 

resuspending the solution over the dissected area. This was then transferred to 

an NNN culture media flask and cultured as per section 2.2.3. To confirm the 

protozoa were Australian Leishmania DNA extraction, PCR and partial 

sequencing of the RNA polymerase subunit II gene was carried out as per 

sections 2.2.8 and 2.2.11. 

 

6.2.7. Bloodmeal analysis 

Bloodmeal analysis for day-feeding was carried using method outlinedin 

section 5.2.5 
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6.2.8. PCR, cloning and sequencing of the ITS1-ITS2  of the 

ribosomal RNA gene for F. (Lasiohelea) species 

The partial sequence for the ribosomal DNA region of Culicoides oxystoma 

(AB462279) was used to manually design the PCR primers midge.ITSa, 5’- 

TGAACCTGCGGAAGGATC-3’ and midge.ITSb, 5’-

TCACACATGAGTTGAGGTCG-3’. 1 µL of DNA extract was used in a 25 µL 

reaction containing a final concentration of 1 x PCR buffer (Qiagen), 0.4 µM 

primer, 0.2 mM dNTPs and 1 U of Taq polymerase (Qiagen). Thermocycling 

consisted of 35 cycles of 95°C for 30 s, 63°C for 30 s and 72°C for 45 s. This 

produced a PCR product of approximately 700 bp. PCR products were purified 

using the MinElute purification kit (Qiagen) and DNA was quantified as per 

section 2.2.11 . PCR products were cloned using the pGEM-T Easy vector 

system (Promega). Ligations were performed according to the manufacturer’s 

protocol, containing 1 x ligation buffer, 50 ng vector, 1-3 µL PCR product, 3 U 

T4 DNA ligase and dH2O to a final volume of 10 µL. Ligations were usually 

incubated at 4°C overnight. 

Bacterial strains DH5α or XL1-Blue (Escherichia coli) were used for 

transformations. To prepare competent cells, 10 mL starter culture was used to 

inoculate 200 mL LB (10% tryptone, 0.5% yeast extract, 0.5% NaCl), and cells 

were grown at 37°C with shaking to an OD600 of 0.5-0.6. Cells were then 

briefly rested on ice prior to centrifugation at 4000 g for 30 min at 4°C. The 

pellets were washed in 40 mL ice-cold dH2O and centrifuged for 25 min. The 

wash was repeated, and cells were resuspended in 5 mL ice-cold 10% glycerol 

prior to final centrifugation. Finally, the cell pellets were resuspended in 270 µL 

10% glycerol and stored in 40 µL aliquots at -80°C until use. 

The competent cells (40 µL) were mixed with 2 µL of ligation and transformed 

using electroporation. Cells were then resuspended in 900 µL LB media and 

plated onto LB-agar supplemented with 50 µL/mL ampicillin, 0.5 mM IPTG 

and 80 µg/mL X-Gal and incubated at 37°C overnight. 
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To screen recombinants, white colonies were picked using a sterile toothpick, 

subcultured onto a reference plate and agitated in 50 µL dH2O. The water stock 

was incubated at 95°C for 15 min, cooled on ice and centrifuged for 3 min. 1-2 

µL of the supernatant was used as a template for PCR using M13 vector or 

insert primers.  

Plasmid DNA was purified using Qiagen Miniprep kits according to the 

manufacturer’s protocols. Quantification was carried out by gel electrophoresis 

and sequencing was carried out as per section 2.2.11. All clones were 

sequenced using M13 vector primers. 

 

6.2.9. Development of a high resolution melt analys is assay to 

differentiate F. (Lasiohelea) species 

Primer sets were designed in two regions of the partially sequenced ribosomal 

RNA gene of F. (Lasiohelea). 

The first primer set amplified 139 bp of the 5’ region of ITS1. Duplicate 

reactions were each set up in 10 µL using 0.5 µM of the primers 5’-ITS1-F, 5’-

CCTGCGGAAGGATCATTATT-3’ and 5’-ITS1-R, 5’-

GCAAAATTCTTTAAAGCTCATCG-3’, 1 x Platinum® SYBR® Green qPCR 

SuperMix-UDG (Invitrogen) and 4 µL DNA extraction diluted 1/10 in dH2O. 

Cycling conditions were: 50°C for 2 min, 95°C for 2 min followed by 35 cycles 

of 95°C, 20 s; 56°C, 20 s; 72°C, 40 s acquiring to cycling A Green using the 

Rotor-Gene™ -Gene™ 6000 (Corbett Life Science). The high resolution melt 

(HRM) was set to ramp from 70°C to 78°C rising by 0.1°C for each step 

acquiring to HRMA on HRM. The HRM also included a pre-melt conditioning 

of 90 s on the first step and 2 s wait for each step afterwards. Gain optimisation 

was performed using default settings. 

The second primer set amplified 129 bp of ITS2a. 10 µL reactions were set up 

as above using the primers L-ITS-F2, 5’-CGTGTCACCATGTGAACTGC-3’ 

and L-ITS-R2, 5’-CGACACTCAACCATGTGTACCT-3’. Real-time PCR 

cycling and the HRM was set as above ramping from 73°C to 83°C.  
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HRM curves were analysed using the Rotor-Gene™ software 1.7 (Corbett Life 

Science). Normalisation of HRM curves was performed using a leading range 

of 75-76°C and trailing range 79-80°C. The confidence percentage threshold 

was set to 80%. In every run a control DNA extraction for each known species 

morphologically identified was included. 

Finally, specimens of F. (L.). peregrinator were sequenced by cloning a PCR 

product amplified using the primers ITSa and L-ITS-R2. PCR conditions, 

cloning and sequencing was carried out as per section 6.2.8. 

 

6.2.10. Preparation of cut slides of F. (Lasiohelea) species 

used in immunohistochemistry 

Day-feeding F. (Lasiohelea) were collected and fixed in 10% formalin. 

Preparation of the laterally cut slides was carried out by technical staff at the 

BVL. Formalin fixed specimens were transferred to Bouin’s solution for 4 h 

and then Carnoy’s fluid (60% methanol or ethanol, 30% chloroform & 10% 

glacial acetic acid) for 2 h. Midges were then set in 1 drop of 1% agarose using 

a mould tray (used for embedding tissue) and orientated using a dissection 

microscope. The drop of agarose containing the midge was then gently 

removed from the mould and placed in a cassette that had biopsy pads placed 

on the top and bottom. This was then left in methanol for 4 h and the agarose 

plug was cut as per standard histological sections onto slides. Each midge was 

cut into lateral sections which varied between 3-14 cuts. 

Immunohistochemistry on midge sections was carried out as per section 2.2.7. 
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6.3. RESULTS 

 
6.3.1. Identification and real-time PCR screening o f biting midges 

from light, sticky and flight traps 

Initially 11 pools of mixed biting midges were screened for Australian 

Leishmania by PCR. These pools were collected from three CDC light traps 

placed at the TWP in September and October 2007. A positive real-time PCR 

result was obtained from one mixed pool of unidentified midges collected on 

the 27/10/2007 (Table 6.1).  

Subsequently, further pools were sorted and specimens identified to the genus 

or species level for PCR screening. These were obtained from various light 

traps placed at the TWP during the period September 2007 – September 2008. 

In addition two pools of biting midges were sorted and PCR screened from the 

August 2008 flight trap and various specimens from sticky traps. None of these 

pools were positive.  
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Table 6.1: Real-time PCR screening for Leishmania in biting midges. 

Species  No. of pools Total screened Positive pool 

Unknown*  11 101 1 

C. ornatus spp.† 41 457 0 

C. marksi 4 325 0 

Culicoides sp. (vic #42)† 4 17 0 

C. bundyensis 29 261 0 

C. oxystoma 2 11 0 

C. pereginus 2 20 0 

F. (Lasiohelea) spp. 9 31 0 

Total 102 1223 1 

*Unidentified mixed pool of biting midges collected in light traps. † Includes 
undescribed species ornatus #2 and vic #42. 

 

6.3.2. Pooled real-time PCR screening of F. (Lasiohelea) species 

In January 2009, an abundance of day-feeding midges were observed biting 

macropods at the TWP. These were identified from the genera Forcipomyia and 

black flies (Simuliidae), the latter being a larger, black biting midge (Figure 

6.4). In total 5 pools of F. (Lasiohelea) spp. containing 2-5 specimens each 

were screened for Australian Leishmania. Of these, 10 midges were collected 

from day CO2 traps (3 pools) and 7 were caught using manual aspiration (2 

pools). 3 pools of the 5 were real-time PCR positive; 2 pools came from CO2 

traps located at the picnic ground and 1 pool was obtained from manual 

aspiration off a northern wallaroo located in the emu enclosure. These 

specimens did not contain bloodmeals. 

 

6.3.3. Manual gut dissection of F. (Lasiohelea) species 

To further investigate this finding 55 live day-feeding midge specimens were 

collected, dissected and microscopically examined for Leishmania flagellates. 
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From these dissections three midges were found with infections, source ID 

100623 (F. (Lasiohelea) n. sp.), 100073 and 100077 (F. (Lasiohelea) sp.) 

(Appendix 9.1). Two of these dissections which were placed into culture. The 

first cultured (100073) became contaminated and was discarded. The second 

culture (100077) was confirmed as Australian Leishmania by partial sequencing 

of the RNA polymerase subunit II gene. The forward sequencing matched 

615/618 bp (99.6%) to the Australian Leishmania sequence determined in 

chapter 2. The reverse sequencing matched 576/576 bp (100%). Mismatches in 

the forward sequencing may have been a result of Taq polymerase or 

sequencing errors. Multiple PCR products were not sequenced to make a 

consensus sequence for the 100077 culture.  

Large numbers of parasites were observed in all three positive dissections. In 

the first positive dissection (100623) the promastigotes appeared stuck to 

together in a moving mass which resembled a PSG plug (Figure 6.5A/Figure 

6.5B). The position of this plug within the gut was difficult to determine 

because the gut was ruptured and damaged by the dissection process. This was 

a problem was also eccounted in the other positive dissections.  

Various morphologies were stained in each dissection. In the third positive 

dissection (Figure 6.5C), the promastigotes had the appearance of metacyclics 

as their flagellum was greater in length than the body and the body was quite 

elongated and narrow (Professor Paul Bates, personal communications). 

Promastigotes with similar morphology were also seen in the other two positive 

dissections (images not shown).



 

 

 

Figure 6.4: Tail of an antilopine wallaroo with attacking day-feeding midges. 

Both F. (Lasiohelea) spp. and the slightly larger black flies (Simuliidae) are seen biting in this image (photo - R. Arbon).

Black flies F. (Lasiohelea) sp. 



 

 

 

 

 

 
 

Figure 6.5: F. (Lasiohelea) sp. manual gut dissection with a PSG-like plug. 

A) Dissected gut and PSG-like plug (x100) [1000623], B) PSG-like plug (x400) [1000623] , C) Diff-quik® stained promastigotes 
(x1000) [100077]. 
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6.3.4. Species identification and real-time PCR scr eening of F. 

(Lasiohelea) species 

The total numbers of day-feeding midges individually screened by dissection 

and real-time PCR for Australian Leishmania are shown in Table 6.2. 

Specimens detailed in this table were identified using morphology and /or HRM 

analysis of the ITS2a (section 6.3.8). On 22 occasions midges were unable to be 

identified, as specimens were either not stored after dissection or were too 

damaged for morphological identification.  

All Australian Leishmania positive midges were caught by either manual 

aspiration or day CO2 traps between January 2009 and April 2009. Two 

positive samples of F. (L). peregrinator were caught by manual aspiration on 

the 11/03/2009 (Table 6.2/Table 6.3). The midge species with the highest 

prevalence of Leishmania infection at 14% (8/59) was identified as a new 

undescribed F. (Lasiohelea) n. sp. in Australia.  

No positive midges were found in flight traps sorted from the September 2008, 

October 2008 and January 2009 collections. The majority of flight trap 

specimens were identified as F. (L). peregrinator (32/39).  

 

Table 6.2: Identification and individual screening of the F. (Lasiohelea) 
spp. collection. 

Species Total 
No. infected by 
dissection (%) 

No. positive by real-
time PCR (%) 

F. (L). peregrinator 39 0/2 2/37 (5) 

F. (L). townsvillensis 93 0/20 0/72 

F. (Lasiohelea) n. sp. 
(undescribed *) 
 

59 1/14 (7) 7/45 (16) 

F. (Lasiohelea) spp.† 22 2/19 (10) 0/3 

Total 
213 55 150 

*new species of F. (Lasiohelea). †not identified to a species level. 
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The midges which were real-time PCR positive for Australian Leishmania are 

shown in Table 6.3. The individually screened F. (Lasiohelea) n. sp. and F. (L). 

peregrinator species were all collected by manual aspiration in January, 

February and March 2009.  

Real-time PCR estimates for the number of parasites are also shown. The 

highest parasite loads were seen in the F. (Lasiohelea) n. sp.  A total of 4/7 of 

these individuals were estimated to have ≥ 1.6 x 105 parasites/midge. 

Bloodmeals were found in two positive F. (Lasiohelea) n. sp., one individual 

with a partial bloodmeal showed a high parasite load. 

The two positive midges from F. (L). peregrinator appeared to have lower 

parasite loads (≤ 1.6 x 103 parasites/midge) than the F. (Lasiohelea) n. sp. 

In the three positive pooled samples from the initial investigation the parasite 

load was high in two samples ≥3.9 x 105 parasites/DNA extraction. The pooled 

samples showing high parasite numbers are also from CO2 traps. In these 

samples it could not be determined if there was more than one positive midge in 

the pool.  



 

Table 6.3: Details of real-time PCR Leishmania positive day-feeding F. (Lasiohelea) spp. 

No. 
midges. 

Species Date Method Gravid state Ct Est. no. parasites 

1 F. (Lasiohelea) n. sp. 6/02/2009 Manual aspiration Parous 18.79 4.4 x 105 

1 F. (Lasiohelea) n. sp. 6/02/2009 Manual aspiration Parous 20.14 1.6 x 105 

1 F. (Lasiohelea) n. sp. 6/02/2009 Manual aspiration Parous 28.04 4.9 x 102 

1 F. (Lasiohelea) n. sp. 2/02/2009 Manual aspiration Half bloodmeal 18.36 6.1 x 105 

1 F. (Lasiohelea) n. sp. 4/02/2009 Manual aspiration Bloodmeal 25.79 2.6 x 103 

1 F. (Lasiohelea) n. sp. 11/03/2009 Manual aspiration Parous 20.05 1.7 x 105 

1 F. (Lasiohelea) n. sp. 17/03/2009 Manual aspiration Parous 31.81 31 

1 F. (L). peregrinator 11/03/2009 Manual aspiration Parous 32.3 21 

1 F. (L). peregrinator 11/03/2009 Manual aspiration Parous 26.4 1.6 x 103 

3 F. (Lasiohelea) n. sp.* 20/01/2009 CO2 trap Parous 18.95 3.9 x 105 

5 F. (Lasiohelea) n. sp.* 21/01/2009 Manual aspiration Parous 29.91 1.2 x 102 

5 F. (Lasiohelea) n. sp.* 21/01/2009 CO2 trap Parous 17.22 1.4 x 106 

*pooled specimens which were identified by HRM analysis and may have contained more than one species. 



 

 

6.3.5. Bloodmeal analysis of F. (Lasiohelea) species 

In the F. (Lasiohelea) sp. collection (Table 6.2), 32 midges contained partial or 

full bloodmeals. In five of these 32 midges, bloodmeals were found during 

dissection. These partial bloodmeals were not seen until the gut was removed. 

The other 27 midges partial or full bloodmeal midges were sorted after being 

preserved in 70% ethanol.  

The vertebrate mitochondrial 12S rRNA PCR was attempted on 10 non-

destructive DNA extractions of these midges. In three samples there was 

sufficient PCR product to be sequenced. The BLASTn sequence results of these 

samples is shown in Table 6.4. 

The two F. (L). peregrinator specimens were caught using the flight trap, while 

the F. (Lasiohelea) n. sp. specimen was caught by manual aspiration from an 

infected northern wallaroo.  

 

Table 6.4: Day-feeding midge bloodmeal analysis. 

MSHR_Num Date Species BLASTn result Identity (%) 

100230 29/10/2008 
F. (L). 

peregrinator 
Canis lupus 

(Dog) 
78/80 (97%) 

100239 29/10/2008 
F. (L). 

peregrinator 
Macropus parryi 

(Macropod) 
135/146 (92%) 

100443 03/02/2009 
F. (Lasiohelea) 

n. sp. 
Potorous platyops 

(Macropod) 
83/84 (98%), 

 

6.3.6. Immunohistochemistry of F. (Lasiohelea) species 

Eighteen day-feeding F. (Lasiohelea) sp. specimens collected between 

February and April 2009 were preserved in 10% formalin and paraffin 

embedded. For five midges all cut slides were stained with haematoxylin and 

eosin then examined. However no flagellate forms within the gut were 

observed. 
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For the remaining 13 midges every second section was stained with 

haematoxylin and eosin to monitor progression of sections through the gut. This 

helped to identify which slide of the midge contained midgut and anterior 

midgut with the intervening sections chosen for immunohistochemistry. A total 

of 16 slides from 13 different midges (not identified to species level) were 

chosen for immunostaining. Two control tissue slides were included in the 

staining process, one a positive control northern wallaroo skin lesion (07-1233) 

and a negative control skin from agile wallaby with Scabies (08-1263) bound 

with polyclonal mouse anti-Leishmania antibody raised against Australian 

SLA, (section 2.2.4). One midge section was bound with normal mouse serum 

to monitor background IgG binding and the remaining 13 slides chosen from 

each midge (plus 3 control slides) were bound with polyclonal mouse anti-

Leishmania antibody. The cut sections for midge no. 13 and no.10 are shown in 

Figure 6.6. In the haematoxylin and eosin stained section (Figure 6.6A) the 

stomodeal valve, anterior midgut, midgut and hindgut are clearly visible. The 

binding of the mouse anti-Leishmania antibody can be seen in the stomodeal 

valve (Figure 6.6C) and wall of the midgut (Figure 6.6D). The remaining slides 

were negative for staining within the gut, as shown by midge no. 10 in (Figure 

6.6B). 
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Figure 6.6: Australian Leishmania immunostaining of two F. (Lasiohelea) 
sp. 

A) Midge no. 13 haematoxylin and eosin stain (x100), B) Midge no. 10 anterior 
midgut and stomodeal valve immunostaining (x400) C) Midge no. 13 
stomodeal valve showing immunostaining (brown), counterstained with 
haematoxylin (x1000), D) Midge no. 13 midgut immunostaining of midge 
(x1000). 

 

6.3.7. Sequence analysis of the ribosomal RNA inter genic spacer 

regions for Australian F. (Lasiohelea) species  

The ribosomal RNA ITS regions were amplified for the F. (Lasiohelea) n. sp., 

as well as F. (L). townsvillensis specimens from the NT and Brisbane (QLD) F 

(L). townsvillensis specimens. 

The sequence covered an approximate 700 bp and included 18S rDNA, ITS1, 

5.8SrDNA, ITS2a, 2S rDNA, ITS2 and 28S rDNA. 

Five different specimens of the F. (Lasiohelea) n. sp. were sequenced to 

determine if any sequence variation occurred within the species. In total all 

A 

B 

C 

D 

Midgut 

Anterior midgut 

Stomodeal valve 
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three clones from three midges and four clones from two midges (seven clones 

total) were sequenced. All seven clones differed by at least one bp, one allele 

contained a large 19 bp deletion in the ITS1 region and another a 10 bp 

insertion in the ITS1 region (GenBank accession: 1373691_Seq2 & 

1373691_Seq1). 

For NT F. (L.) townsvillensis, three different midge specimens were used to 

compare sequences, one clone from one midge and another four clones from 

two midges (five clones) were sequenced. Sequence variation was again seen 

between the clones. Insertions and deletions of 2 bp and 4 bp were seen in the 

ITS1 region (Genbank accession: 1373385_Seq1 [4 bp insert] & 1373385_Seq2 

[4 bp deletion]).  

For QLD F. (L.) townsvillensis, three midges were sequenced, two clones from 

two midges and one clone from one midge specimen (five clones). Sequence 

variation was seen in three clones. Variable sites included a 5 bp insertion in the 

ITS1 region and substitutions in the ITS2a giving three different alleles. Two 

alleles have been submitted to Genbank, accession 1373688_Seq 1 contianing 

the 5 bp insertion and 1373688_Seq2 without. 

Sequence analysis comparing alleles from each species confirmed that the F. 

(Lasiohelea) n. sp. showed alleles distinct from the other species. Variation 

within the F. (Lasiohelea) genus was restricted to the variable ITS regions (data 

not shown). 

 

6.3.8. Differentiation of collected F. (Lasiohelea) species  using 

high resolution melt analysis 

Two assays were developed based on ITS sequence variation seen among F. 

(Lasiohelea) as detailed in 6.2.9. The first HRM analysis assay targeted the 5’ 

end of the ITS1. Normalised melt curves easily differentiated species for our 

control samples which had been morphologically identified. The assay was 

further tested using DNA extractions from all morphologically identified 

specimens. Melt curve variations were found within each species which made it 
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difficult to interpret results, indicating that more than one allele within species 

was present based on their melt curves, including alleles not found during 

sequencing (data not shown). 

The second HRM assay targeted variation at the ITS2a. In addition to the 

previously sequenced species outlined above, two specimens of F. (L.) 

peregrinator were sequenced for ITS2a variation. A total of four clones were 

sequenced and variation within the species was seen with four alleles for the 

ITS1 region, two of which have been submitted to Genbank, accession 

1373697_Seq1 and 1373697_Seq2. No sequence variation in ITS2a was seen in 

these clones for F. (L.) peregrinator. The sequence variation between F. 

(Lasiohelea) species and within some species for the ITS2a region is shown in 

Figure 6.7. For these sequences the GC content of F. (L.) peregrinator and F. 

(L.) townsvillensis (NT) is 40.77% and 40.31% respectively. The GC content 

for undescribed and undescribed-2 is 41.86% and 41.09% respectively. 

 
Figure 6.7: ClustalW alignment comparing ITS2a region for Australian F. 
(Lasiohelea) spp. 
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The normalised HRM curves for NT species caught at the TWP are shown in 

Figure 6.8. The real-time PCR products melted between 77 and 79°C. Given the 

GC content for each species it was expected that F. (L.) townsvillensis would 

melt first, followed by F. (L.) peregrinator and then the F. (Lasiohelea) n. sp.. 

The figure shows F. (L.) peregrinator melts first closely followed by F. (L.) 

townsvillensis and later the F. (Lasiohelea) n. sp.species.  

This assay was used to identify specimens from the collection for which 

specimens were homogenised during DNA extractions and thus were unable to 

be distinguished morphologically. The validity of the assay was assessed by 

testing all samples that had been morphologically identified. This revealed an 

additional allele in morphologically identified F. (L.) peregrinator, which 

melted at a slightly lower temperature (not sequence confirmed).  

Molecular identification using HRM analysis matched in 93% (94/101) of 

specimens morphologically identified. 

 



 

 

 

 

Figure 6.8: Normalised high resolution melts of the ITS2a region in three F. (Lasiohelea) spp. 



 

 

6.4. DISCUSSION 

 
The first real-time PCR positive result for the vector incrimination studies was 

observed in a pool of biting midge mixed specimens. This positive pool 

originated from a light trap set at the Emu enclosure in which northern 

wallaroos, confirmed with CL, were housed. The light traps at the time 

contained predominantly biting midges from the genus Culicoides. Therefore, 

screening of Culicoides spp. became the priority, although this produced no 

further positive results.  

The field vector studies throughout this investigation have targeted trapping 

insects which are active in the evening or dawn (crepuscular) as this is 

generally the activity period for phlebotomine sand flies. After the negative 

results for phlebotomine sand flies and later Culicoides we changed our focus 

to screening insects observed feeding on captive macropods.  

In January 2009 an increase was observed in the abundance of day-feeding (F. 

(Lasiohelea) spp. and black flies) attacking captive macropods. The number of 

midges which could be easily aspirated from captive macropods also increased. 

In previous attempts it was only possible to catch one or two midges per hour. 

The seasonal abundance also coincided with the appearance of CL symptoms in 

two agile wallabies in March 2008, indicating that transmission might have 

been occurring in January and February of 2008. Of the five F. (Lasiohelea) sp. 

pools screened in January 2009, three were real-time PCR positive for 

Australian Leishmania. Two of these had low Ct values, indicating high 

parasite burdens.  

Immediately efforts were focused on demonstrating the presence of 

promastigotes in the gut of day-feeding midges. In the three positive dissections 

high numbers of promastigotes were observed in the gut and importantly the 

presence of a PSG-like plug containing metacyclic promastigotes was observed 

(Figure 6.5C). As discussed in chapter 1, PSG plug formation is believed to be 
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essential to enhance transmission by blocking the anterior midgut during the 

blood feeding of the sand fly (Sacks et al., 2008, Rogers et al., 2002, Rogers et 

al., 2004). The PSG-like plug photographed from the first positive dissection 

(Figure 6.5A) has a similar appearance to that in the photograph published by 

Rogers et al. (2002). The stained promastigotes from all three dissections 

contained various morphologoies, including procyclic nectomonad, leptomonad 

and importantly metacyclic forms (Rogers et al., 2002), Paul Bates personal 

communications).  

All the day-feeding midges found to contain Leishmania through dissections 

were insects caught by manual aspiration from captive macropods. Presumably 

these midges were caught while feeding or prior to taking a bloodmeal. Figure 

6.1 shows the image of a midge with a partial bloodmeal. This specific midge 

had a high parasite load, as detected by real-time PCR, and was manually 

aspirated from a captive agile wallaby (Figure 6.1). Although this cannot be 

confirmed this midge may have been caught in the act of transmission. 

To investigate the prevalence of Australian Leishmania infection within day-

feeding midges we increased the numbers of midges individually screened by 

real-time PCR. Prevalence appears to be quite high (up to 16%), although it 

should be noted that the majority of specimens selected for screening were 

parous or gravid midges. This possibly accounts for the fairly high infection 

rate. In addition the field sites were known to contain infected animals as steady 

sources of midge infection.  

It is important to note that there are no day-feeding midges screened by both 

PCR and dissection. If the dissections were all additionally screened by PCR 

we may have found a higher prevalence (higher sensitivity), but this is 

logistically difficult after dissection and there is a high chance of cross-

contamination between individual samples.  

Interestingly, the midges caught while aspirating did not attempt to bite the 

collector. This indicates a preference for native wildlife as a bloodmeal source. 

The other day-feeding midge present in the collection black flies did 
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occasionally bite the collector; this species was also observed feeding on the 

macropods but was not tested for Australian Leishmania infection.  

The bloodmeal PCR results matched the midge feeding observations.Two 

midges had bloodmeals that were of macropod origin. In one midge the 

bloodmeal was identified from dog. Domestic dogs (staff pets) are found at the 

TWP, as are dingos (Canis lupus dingo) in the area outside the enclosures and 

in an adjacent enclosure. However dogs were never seen near the flight trap or 

outside trapping enclosures during the course of this study. The results in 

chapter 5 did cast some doubt on the validity of this bloodmeal analysis. The 

DNA extraction kit used for these midge extractions was also used in chapters 2 

and 3. DNA extracted from wild dog tissue samples was also done using this 

kit. Contamination of the DNA extraction kit with macropod or dog template is 

possible as previously described in section 5.4. The design of this assay will 

have to be reassessed for future studies. A more targeted approach to detect 

bloodmeals from specific mammals, involving use of the precipitin test to 

complement DNA evidence, and setting up a designated bloodmeal DNA 

extraction kit, pipettes and separate work areas would also help prevent 

contamination with foreign DNA. Employing a negative midge bloodmeal 

control for each DNA extraction carried out could allow for laboratory 

contamination to be monitored.  

With the assistance of Dr Martin Shivas (Brisbane City Council) we 

morphological identified three species of F. (Lasiohelea) sp. in our collection. 

This included a new species not described in the latest taxonomic key for 

Australian species (Debenham, 1983). Molecular variation between each 

species in the collection was also found through sequence analysis of the insect 

ribosomal RNA gene ITS regions. To develop a high throughput molecular 

method for identification we attempted to optimise a HRM assay based on the 

ITS regions. The rationale was to eliminate the time consuming process of 

clearing and mounting specimens for identification. For the ITS2a the melt 

curves did not appear in the order predicted for each midge species. This may 
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have been due to secondary structures which can alter the melting temperatures 

of PCR products. 

Unfortunately high polymorphism was found in the ITS regions due to the 

different alleles within species for this multicopy gene (Gomulski et al., 2006, 

Hillis and Dixon, 1991). Further sequencing upstream in the conserved 18S 

rRNA gene, in particular the region sequenced for Australian phlebotomine 

sand flies (section 5.3.1) may find sufficient variation for species 

differentiation, eliminating problems associated with intra-species 

polymorphism and the lack of specificity of the HRM analysis assay to date. 

Another alternative may be the mitochondrial cytochrome oxidase subunit II 

sequences which are used extensively in species DNA barcoding and molecular 

taxonomy of many different eukaryotic organisms (Hebert et al., 2003, BOLI, 

2009).  

Eight of the ten individually infected day-feeding midges have been identified 

as the new undescribed species. The other two identified are F. (L.) 

peregrinator. This suggests this species is more likely to be the vector of 

Australian Leishmania, although this can only be concluded with further 

screening by dissection to find more F. (Lasiohelea) n. sp. infected and not F. 

(L.) peregrinator. 

In summary at least three of the four accepted observations have been met to 

incriminate a vector of Leishmania as outlined by Killick-Kendrick (1999) 

(section 1.5.4/6.1). First, we have observed F. (Lasiohelea) spp. feeding on the 

reservoir/incidental host and manually aspirated these insects from captive 

macropods, confirming that biting occurred by bloodmeal analysis. 

Second, it has been demonstrated that this midge species can support the 

development of Leishmania beyond bloodmeal excretion, as parasite infected 

parous midges were caught without bloodmeals. Positive dissections also 

contained metacyclics which are infective forms required for transmission, they 

also will only appear after the digestion and excretion of the bloodmeal. Sand 

fly gut wall binding is believed to be vital for Leishmania survival preventing 
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excretion of the parasite with the bloodmeal (Sacks and Kamhawi, 2001). 

Immunohistochemistry on midge gut sections using polyclonal mouse anti- 

Leishmania IgG provided evidence of gut wall binding (Figure 6.6). The 

circular immunostaining also found on the stomodeal valve suggests the 

binding of haptomonads, which are believed to cause damage to this structure 

and enhance transmission (Rogers and Bates, 2007). These 

immunohistochemical studies need to be validated with more midges to 

confirm Leishmania attachment in the mid gut. A monoclonal Leishmania 

specific antibody against Leishmania LPG or proteophosphoglycan could also 

be used in this assay, as the Australian Leishmania parasites have these 

molecules on their promastigote surface (Rose et al., 2004). This would prevent 

potential cross reactivity against trypanosomatid antigens. 

Third, the Leishmania present in infected midges are identical to those in skin 

lesions (chapter 2/3). The screening real-time PCR is specific for Australian 

Leishmania and confirms that all infected midges found by PCR were infected 

with the same species found in macropods with CL. The positive Leishmania 

gut dissection was also confirmed as the same parasite by culture and sequence 

analysis of the RNA polymerase subunit II gene.  

The only criterion that has not been met is the demonstration of transmission by 

the midge bite which is outside the time constraints of this study. However, we 

have presented strong evidence that the day-feeding midge (F. (Lasiohelea) n. 

sp.) is transmitting Australian Leishmania. Until now, phlebotomine sand flies 

have been globally accepted as the primary vector for all species of Leishmania. 

An alternate vector for biological transmission has never been suggested before 

for any Leishmania spp. The significance of these findings and future research 

priorities will be discussed in the following closing chapter. 
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7. SUMMARY AND CONCLUDING REMARKS  

 

7.1. Significance of Australian Leishmania sp. 

Leishmaniases caused by the protozoan Leishmania is an important parasitic 

disease found worldwide. The majority of leishmaniases studied are zoonoses 

that can manifest clinically as CL, VL or MCL depending on the infective 

species and the geographic region. Populations most at risk are in the 

developing regions where there is often lack of access to adequate healthcare 

and effective treatment and prevention.  

Australia was once considered the only populated continental landmass to be 

free of Leishmania until the discovery of CL in red kangaroos in the NT (Rose 

et al., 2004). Since then imported dogs and cats are required to be screened for 

leishmaniasis using the indirect fluorescent antibody or the ELISA tests as 

outlined by  World Organisation for Animal Health Manual (Biosecurity 

Australia, 2006, OIE, 2004). The fate of animals diagnosed with leishmaniasis 

under this system is not clear as it is at the discretion of state government chief 

veterinary officers. This could possibly result in imported animals not being 

properly managed for Leishmania infections and possibly acting as a liaison 

host for an exotic introduction into Australian wildlife.  

Loss of biodiversity due to anthropogenic change such as urbanisation and 

deforestation result in emergent and re-emergent vector-borne zoonotic disease. 

Preparedness for incursions of exotic diseases is of key importance to 

government, industry, primary producers and the Australian community. In 

addition, Australia is a signatory of the United Nations Convention on 

Biological Diversity (1992) and it has obligations. These include national 

strategies and programs aimed at monitoring biological diversity and the 

identification and monitoring of processes that are likely to have significant 

adverse effects on biodiversity (United Nations, 1992). In the global 

environment 60% of all human pathogens are zoonotic and most of this disease 
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emergence is considered to have originated from wildlife, therefore the 

monitoring and understanding of wildlife health in Australia is fundamentally 

important (Woolhouse, 2002).  

As a result of this study significant progress has been made towards 

understanding the Australian Leishmania lifecycle. Molecular characterisation 

undertaken in this study via sequencing of the RNA polymerase subunit II gene 

has shown that Australian Leishmania is quite different from other Leishmania 

species and forms its own branch with the Brazilian non-human infecting 

species Le. enriettii (Figure 2.7). It is important to note that the majority of 

research into Leishmania has been done on human pathogenic species. 

Knowledge about the diversity and lifecycles of non-human infecting 

Leishmania is limited and their importance may well be underestimated. For 

example, environmental change can put parasites under selective pressures 

and/or put humans closer in proximity to parasite lifecycles, possibly resulting 

in host-switching. In addition, changes in human susceptibility to disease may 

occur, for example in HIV infection, in which immunocompromised individuals 

are more susceptible to leishmaniasis. The HIV/AIDS epidemic has caused an 

increase in HIV/Leishmania co-infection in immunocompromised patients. 

There have also been reports of immunocompromised patients being more 

susceptible to presumably monoxenous trypanosomatid infection (Alvar et al., 

2008, Dedet and Pratlong, 2000, Desjeux and Alvar, 2003). Very little is known 

about insect trypanosomatids in areas of south east Asia and Australia and only 

2000-2500 of the 1 million known species of insects worldwide have been 

studied by parasitologists (Podlipaev, 2001). A rich diversity of 

trypanosomatids in Australasia may be waiting to be discovered. 

 

7.2. Australian Leishmania hosts 

The TWP is a unique environment for research into the lifecycle of Australian 

Leishmania. At the park symptoms were observed, resulting in the diagnosis of 

ongoing CL in northern wallaroos, agile wallabies and a black wallaroo. 
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Captive macropods appear to be particularly susceptible to Leishmania 

infection and the cause is likely multi-faceted including variation related to age 

of exposure, host density, host nutritional status, exposure to re-infection, 

altered vegetation types and irrigation etc, potentially creating a Leishmania 

infection ‘hot spot’. All northern wallaroos at the park were diagnosed with 

Australian Leishmania during the course of the project. These animals 

reportedly had lumps and swollen tails whilst in the same enclosures as red 

kangaroos with CL in 2003, but none tested positive at that time (Karrie Rose 

personal communications). It is unclear what made them suddenly more 

susceptible to severe infection in 2007. This artificial environment maybe a risk 

factor producing a situation where one Leishmania reservoir subsequently led 

to infection of other animals in the same enclosure and re-infection occurred 

seasonally, spreading and increasing the prevalence of infection. The high 

prevalence may also be dependent on the vector populations.  

It is also unclear where Australian Leishmania originally came from. The park 

is surrounded by natural bushland and it is plausible that a natural Leishmania 

cycle originally existed in the area. An alternative hypothesis is that 

leishmaniasis was originally introduced with the red kangaroos or other captive 

macropods. This is seems unlikely as unrelated red kangaroos were diagnosed 

with CL in two separate locations in the Darwin rural area (Rose et al., 2004). 

Unless all the animals were infected when they first arrived in the NT, this is an 

indication the parasite is endemic in the Darwin rural area. The red kangaroo 

located at Humpty Doo (approximately 30 km away from the TWP) was hand 

reared from a pouch juvenile. This animal had no contact with other macropods 

in its enclosure. Although it cannot be conclusively proven, it is highly likely 

that this animal was infected within it’s enclosure by insect bite. 

 Our serological results in macropods also indicate exposure to Australian 

Leishmania across a wide geographical region (Figure 3.3), in addition we have 

PCR positive ear tissue snips found in separate locations in the Darwin rural 

area for antilopine wallaroos and agile wallabies, further suggesting that 

Leishmania is endemic to the region.  
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At the beginning of the study we hypothesised that a common macropod 

adapted to the Darwin rural area would be the reservoir of infection for 

Leishmania. This study showed that antilopine wallaroos and agile wallabies 

are certainly susceptible to infection and are probably capable of acting as a 

Leishmania reservoir. It is difficult to tell if they are the primary or secondary 

reservoir of infection in the wild (non-captive conditions) as many of our 

samples have originated from artificial environments. Antilopine wallaroos are 

abundant in the Darwin rural area, are closely related to the northern wallaroos 

seen with CL and have similar behaviours. A notable difference is their wild 

habitats, northern wallaroos, although native to the ‘Top End’, are not common 

in the Darwin rural area. This, along with the stress and associated time in 

captivity may have increased their susceptibility to CL. Antilopine wallaroos, 

on the other hand, were infected with Australian Leishmania without significant 

clinical signs of disease, suggesting a tolerance for infection. 

Interestingly, previous in vitro mouse peritoneal macrophage infectivity studies 

of Australian Leishmania have shown showed higher infection rates at 33°C 

compared to 37°C (Rose et al., 2004). Australian marsupials are known to have 

lower body temperatures than other mammals, with mean temperatures 2-3°C 

lower than for usual eutherians. The short-nosed bandicoot (Isoodon 

macrourus), related to the northern brown bandicoot sampled in this study, had 

a resting body temperature of 34.7°C (Dawson and Hulbert, 1970). The mouse 

macrophage infection temperature and marsupial body temperatures are 

possibly coincidental, but do highlight that marsupials could be likely 

reservoirs. 

Screening of tissue from other asymptomatic native animals found more 

Australian Leishmania infection by semi-quantitative real-time PCR (targeting 

the repetitive miniexon). These included northern brown-bandicoot, northern 

brush-tail possum, black-footed tree rat, fawn antechinus and black flying-fox. 

A recent study of 683 bats from the Brazilian state of Sao Paulo found 3.2% to 

be PCR positive for Leishmania infection in the spleen and liver, although 

infection was not demonstrated from Giemsa stains of these samples (Savani et 
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al.). This study is interesting as a skin sample from a black flying-fox was real-

time PCR positive at the TWP. In addition, suspicious Leishmania-like 

amastigotes within macrophages of spleen from a Sydney (NSW) grey-headed 

flying-fox (Peteropus poliocephalus) have also been observed by colleagues at 

the Australian Registry for Wildlife Health (Karrie Rose personal 

communications). Furthermore, the reservoir of the closely related MAR1 

Leishmania strain isolated in Martinique is unknown, the only native animals 

left on the island are bats (Noyes et al., 2002). In northern Australia, bats make 

up a significant proportion of the mammalian biomass and are well known 

worldwide as reservoirs for emerging zoonotic viruses. The most common 

species in the Darwin rural area are black flying-foxes (P. alecto and P. 

scapulatus) and colonies containing thousands of individuals can be found in a 

wide variety of coastal habitats depending on the season (Vardon et al., 2001) 

(Vardon et al., 2001, Tidemann et al., 1999). These animals, along with other 

small mammals surely justify further investigation as reservoirs for Australian 

Leishmania infection. 

 

7.3. Incriminating a vector 

Extensive field studies on phlebotomine sand flies proved to be vital in 

considering an alternative vector for Leishmania in Australia. Insect trapping 

over 2.5 years showed a relatively low abundance of sand flies, all from the 

genus Sergentomyia. Although female sand flies were not concurrently 

screened with day-feeding midges in January 2009, sand flies were screened in 

the two previous monsoonal seasons.  All female sand flies screened for 

Australian Leishmania from this genus were negative and bloodmeal analysis 

suggested a preference for reptiles as reported in the literature. It is difficult to 

prove with absolute certainty that a parasite or disease is not present in a 

population. Although we used a variety of sampling techniques, it is possible 

these may have failed to collect a Phlebotomus spp. vector. This seems unlikely 
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and the evidence presented in this thesis overwhelmingly suggests that 

phlebotomine sand flies play no role in Australian Leishmania transmission. 

Collaborations with the Liverpool School of Tropical Medicine allowed 

experimental infections of the South American Lu. longipalpis with Australian 

Leishmania to be performed (data not shown). This permissive vector, which is 

capable of transmitting numerous Leishmania spp. was unable to sustain 

Australian Leishmania infection beyond bloodmeal excretion in repeated 

experiments (Paul Bates personal communications). Although not definitive, 

this observation complements our suggestion of an alternative vector, unless 

transmission is occurring directly between animals, and unlikely scenario given 

the results of this thesis.  

The discovery of Australian Leishmania infection in day-feeding midges (F. 

(Lasiohelea) spp.) is a world first. Chapter 6 details infection in two species and 

presents evidence that an as yet F. (Lasiohelea) n. sp.biting midge species plays 

a role in transmission. To date scant research has been conducted on the 

subgenus Lasiohelea in Australia. There are 26 species of this subgenus found 

in Australia and of which four species have been recorded in the NT 

(Debenham, 1983). The day-feeding midges are generally associated with 

tropical and subtropical environments (Kettle, 1984a) and the geographic 

distribution of F. (Lasiohelea) spp. has been depicted by the Australian Faunal 

Directory (Figure 7.1). The subgenus Lasiohelea appear to have a wide 

geography covering many different ecosystems including some that are 

particularly diverse such as the Cape York Peninsula of Queensland. They are 

also found in populated regions such as coastal south east Queensland and 

coastal New South Wales. The most collected species is F. (L.) townsvillensis 

which is a notorious human biter in suburban north eastern Australia (Cribb, 

2000, Debenham, 1983). This species has also been proven as a vector of 

Onchocerca gibsoni, which causes bovine onchocerciasis (Ottley and 

Moorhouse, 1980). Two species identified in the Menzies collection, F. (L.) 

townsvillensis and F (L.) peregrinator, are known to bite humans and large 

mammals such as horse, ox, sheep, goat, rabbit and wallaby (Debenham, 1983).  
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To the best of our knowledge a day-feeding midge has never been suspected as 

a vector of Leishmania, although there have been recent reports of 

trypanosomatid infections in other biting midges of the genus Culicoides. These 

include the new species Herpetomonas ztiplika found in the hindgut and 

malpighian tubes of C. kibunensis (Podlipaev et al., 2004), Sergeia podlipaev 

found in midgut and malpighian tubes of C. (Oecacta) festivipennis and C. 

(Oecacta) truncorum (Svobodova et al., 2007) and finally Herpetomonas 

trimorpha localised to the malpighian tubes of C. (Oecacta) truncorum 

(Zidkova et al., 2009). 

 

 

Figure 7.1: Distribution of Australian day-feeding F. (Lasiohelea) species.  

Boundaries shown are the Interim Biogeographic Regionalisation of Australia 
regions. Distribution may show some bias for insect collections of 
entomologists (Debenham, 1983) . Image reproduced from the Australian 
Biological Resources Study (Australian Faunal Directory, 2008). 
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7.4. Future studies 

The unique finding that phlebotomine sand flies are unlikely vectors of 

Leishmania in Australia raises questions about future epidemiological studies 

on leishmaniasis in the region. 

The main question for Australia is: could an imported pathogenic Leishmania 

become endemic? Experimental transmission of Australia Leishmania by day-

feeding midges needs to be demonstrated to further investigate this finding and 

iniatally confirm the vector status. The new species of day-feeding midge must 

be formally described, in addition a F. (Lasiohelea) n. sp colony needs to be 

established to carry out in vitro infections of Australian Leishmania to monitor 

the progression of infection within the gut. It will also need to be determined if 

F. (Lasiohelea) n. sp is a permissive vector through experimental infections 

with exotic human pathogenic species such as Le. donovani, Le. major, Le. 

tropica, Le. infantum and Le. braziliensis.  

Little is currently known about the lifecycle of F. (Lasiohelea) spp. in 

Australia. Although, oviposition and maintenance of adults have been studied 

in the laboratory for F. (L.) townsvillensis, no colonies have been established. 

Only one larva has been recovered from the wild and little is known about 

where the immature stages are found or their nutritional requirements (Cribb, 

2000). To fill the gaps in understanding of the F. (Lasiohelea) spp. lifecycle, 

collections should be conducted from various microhabitats identifying 

breeding sites and these conditions should be replicated in the laboratory. Using 

various models for existing midges colonies, different environment conditions 

will need to be trialled to optimise midge survival in the laboratory.  

The susceptibility of Australian wildlife to exotic Leishmania spp. infection also 

needs to be determined. As previously mentioned, Australian possums are 

known to be highly susceptible to Le. donovani infection as shown by the 

experimental inoculations carried out in 1948 (Bolliger & Backhouse, 1948). 

Further studies regarding the susceptibility of Australian marsupials to Le. 

donovani and other Leishmania spp. have not been conducted. To do this in 
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vitro macrophage cell lines could be developed for local (Top End) hosts such 

as antilopine wallaroo and agile wallaby. Susceptibility of these cell lines to 

exotic Leishmania infection could be tested experimentally, using Australian 

Leishmania as the model for infection. 

Wildlife surveillance for natural infection with Australian Leishmania must 

continue. The prevalence and susceptibility to infection in wild populations of 

antilopine wallaroos and agile wallabies could be determined with further 

collections from wider geographical range. Also the role of small mammals in 

the Australian Leishmania lifecycle needs to be further assessed by collection 

and real-time PCR testing of tissues from a variety of mammals including 

northern brown-bandicoot, black-footed tree rat, northern brush-tailed possum, 

native mice and black flying-fox.  

Identification of animals that are a priority for collection would benefit from 

ongoing bloodmeal analysis of F. (Lasiohelea) spp. In addition, measuring 

antibody responses in local wildlife to midge salivary gland antigens by utilising 

our stored serum collections may aid in the identification of mammals with 

increased risk of being bitten by F. (Lasiohelea) spp. The screening of F. 

(Lasiohelea) spp. for Leishmania infection from a wider geographical area will 

highlight ecosystems specific to the parasite and the associated mammals in that 

environment. It may also find new undescribed species of Leishmania. 

In summary, the findings of this PhD project have implicated both a reservoir 

and vector for Australian Leishmania. These key findings and the proposed 

studies outlined in this section will aid in the risk assessment for an exotic 

Leishmania introduction; ultimately protecting wildlife health, human health 

and Australia’s biosecurity.  
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9. APPENDICE 

9.1. APPENDIX 1 

 

Source 
ID 

Collection 
Date 

Sampling 
Locale Species 

Sample Type or 
Collection 
Method 

no. of 
specimens/t

ube 
Contents Assay 

100004 6/02/2009 Picnic Ground 
F. (Lasiohelea) n. 
sp. (undescribed) 

Manual aspiration 1 
Qiagen DNA 

Extraction 
Real-time PCR 

100006 6/02/2009 Picnic Ground 
F. (Lasiohelea) n. 
sp. (undescribed) 

Manual aspiration 1 
Qiagen DNA 

Extraction 
Real-time PCR 

100014 6/02/2009 Picnic Ground 
F. (Lasiohelea) n. 
sp. (undescribed) 

Manual aspiration 1 
Qiagen DNA 

Extraction 
Real-time PCR 

100015 2/02/2009 Picnic Ground 
F. (Lasiohelea) n. 
sp. (undescribed) 

Manual aspiration 1 
Qiagen DNA 

Extraction 
Real-time PCR 

100130 20/01/2009 Picnic Ground 
F. (Lasiohelea) n. 
sp. (undescribed) 

CO2 trap 3 
Qiagen DNA 

Extraction 
Real-time PCR 

100131 21/01/2009 Emu 
F. (Lasiohelea) n. 
sp. (undescribed) 

Manual aspiration 5 
Qiagen DNA 

Extraction 
Real-time PCR 

100133 21/01/2009 Picnic Ground 
F. (Lasiohelea) n. 
sp. (undescribed) 

CO2 trap 5 
Qiagen DNA 

Extraction 
Real-time PCR 

100444 4/02/2009 Picnic Ground 
F. (Lasiohelea) n. 
sp. (undescribed) 

Manual aspiration 1 
Qiagen Non-
destructive 

DNA 
Real-time PCR 
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extraction 

100586 11/03/2009 
Woodland / 

Picnic Ground 
F. (Lasiohelea) n. 
sp. (undescribed) 

Manual aspiration 1 

Qiagen Non-
destructive 

DNA 
extraction 

Real-time PCR 

100605 17/03/2009 Picnic Ground 
F. (Lasiohelea) n. 
sp. (undescribed) 

Manual aspiration 1 

Qiagen Non-
destructive 

DNA 
extraction 

Real-time PCR 

100623 30/01/2009 Picnic Ground 
F. (Lasiohelea) n. 
sp. (undescribed) 

Manual aspiration 1 - Dissection 

 
100599 

11/03/2009 
Woodland / 

Picnic Ground 
F. (Lasiohelea) 
peregrinator 

Manual aspiration 1 

Qiagen Non-
destructive 

DNA 
extraction 

Real-time PCR 

100601 11/03/2009 
Woodland / 

Picnic Ground 
F. (Lasiohelea) 
peregrinator 

Manual aspiration 1 

Qiagen Non-
destructive 

DNA 
extraction 

Real-time PCR 

100073 25/03/2008 Picnic Ground 
F. (Lasiohelea) 

sp. 
Manual aspiration 1 - Dissection 

100077 26/02/2009 Picnic Ground 
F. (Lasiohelea) 

sp. 
Manual aspiration 1 - Dissection 

54 24/01/2008 
Territory 

Wildlife Park 
Isoodon 

macrourus 
Ear 1 

Qiagen DNA 
extraction 

Real-time PCR 

3 24/06/2002 Darwin Macropus agilis Blood 1 Serum Kangaroo IgG 
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ELISA 

4 24/06/2002 Darwin Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 

5 24/06/2002 Darwin Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 

6 13/12/2007 Virginia Macropus agilis Shoulder lesion 1 
Qiagen DNA 

extraction 
Real-time PCR 

6 13/12/2007 Virginia Macropus agilis Shoulder lesion 1 
Qiagen DNA 

extraction 
Real-time PCR 

32 6/12/2007 Virginia Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 

54 28/12/2007 Bees Creek Macropus agilis Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

67 14/12/2008 Finnis River Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 

68 14/12/2008 Dundee Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 

197 16/12/2004 Virginia Macropus agilis 
Lesion left upper 

inner arm 
1 

Qiagen DNA 
extraction 

Real-time PCR 

265 28/04/2009 Marrara Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 

270 28/04/2009 Livingstone Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 

340 25/11/2004 
Territory 

Wildlife Park 
Macropus agilis Blood 1 Serum 

Kangaroo IgG 
ELISA 

20421 8/12/2004 
Territory 

Wildlife Park 
Macropus agilis Blood 1 Serum 

Kangaroo IgG 
ELISA 
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20421 8/12/2004 
Territory 

Wildlife Park 
Macropus agilis Blood 1 Serum 

Kangaroo IgG 
ELISA 

70522 18/03/2008 
Territory 

Wildlife Park 
Macropus agilis Blood 1 Serum 

Kangaroo IgG 
ELISA 

70522 18/03/2008 
Territory 

Wildlife Park 
Macropus agilis Ear 1 

Qiagen DNA 
extraction 

Real-time PCR 

70522 18/03/2008 
Territory 

Wildlife Park 
Macropus agilis Foot lesions 1 

Qiagen DNA 
extraction 

Real-time PCR 

70523 25/01/2008 
Territory 

Wildlife Park 
Macropus agilis Ear 1 

Qiagen DNA 
extraction 

Real-time PCR 

82810 10/11/1998 
Territory 

Wildlife Park 
Macropus agilis Blood 1 Serum 

Kangaroo IgG 
ELISA 

84965 17/05/1999 Humpty Doo Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 

84971 17/05/1999 Humpty Doo Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 

90691 7/07/2000 Darwin Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 

105062 1/01/2002 
Douglas Daly 
Research Farm 

Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 

105065 1/01/2002 
Douglas Daly 
Research Farm 

Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 

106682 1/01/2002 Arnhem Land Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 

117792 1/01/2004 Darwin River Macropus agilis Blood 1 Serum 
Kangaroo IgG 

ELISA 
117794 1/01/2004 Darwin River Macropus agilis Blood 1 Serum Kangaroo IgG 
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ELISA 

3 16/09/2007 
Litchfield/Darwi

n river 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

37 22/12/2007 Virginia 
Macropus 
antilopinus 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

38 22/12/2007 Virginia 
Macropus 
antilopinus 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

40 30/12/2007 Virginia 
Macropus 
antilopinus 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

42 16/12/2007 Virginia 
Macropus 
antilopinus 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

88 20/03/2009 Virginia 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

124 1/01/2002 Pine Creek 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

206 18/03/2009 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

206 5/05/2005 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

206 18/08/2008 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

206 18/08/2008 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

274 28/12/2007 Virginia 
Macropus 
antilopinus 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

20010 17/03/2009 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 
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72007 10/10/1997 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

101137 1/01/2002 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

106762 21/07/2008 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

106762 1/01/2003 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

920721 21/03/2007 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

920721 21/03/2007 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

920721 21/03/2007 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

920721 21/03/2007 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

920721 21/03/2007 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Foot 1 
Qiagen DNA 

extraction 
Real-time PCR 

920722 5/06/2008 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

920722 5/06/2008 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

920858 4/04/2007 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

920858 4/04/2007 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

920858 4/04/2007 Territory Macropus Ear 1 Qiagen DNA Real-time PCR 
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Wildlife Park antilopinus extraction 

950616 14/07/2008 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

950616 4/04/2005 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

950616 1/03/2005 
Territory 

Wildlife Park 
Macropus 
antilopinus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

40028 13/05/2008 
Territory 

Wildlife Park 
Macropus 
bernardus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

40028 5/12/2008 
Territory 

Wildlife Park 
Macropus 
bernardus 

Blood 1 Serum 
Kangaroo IgG 

ELISA 

40028 13/05/2008 
Territory 

Wildlife Park 
Macropus 
bernardus 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

9 7/09/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

9 7/09/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Ear lesion 1 

Qiagen DNA 
extraction 

Real-time PCR 

9 7/09/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Ear lesion 1 

Qiagen DNA 
extraction 

Real-time PCR 

9 7/09/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Foot 1 

Qiagen DNA 
extraction 

Real-time PCR 

9 7/09/2007 
Territory 

Wildlife Park 
Macropus 
robustus 

Tail lesion 1 
Qiagen DNA 

extraction 
Real-time PCR 
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woodwardi 

10 3/10/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

10 30/11/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Nodule left leg 1 

Qiagen DNA 
extraction 

Real-time PCR 

10 30/11/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Right ear 1 

Qiagen DNA 
extraction 

Real-time PCR 

10 30/11/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Right leg lymph 1 

Qiagen DNA 
extraction 

Real-time PCR 

10 30/11/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Spleen 1 

Qiagen DNA 
extraction 

Real-time PCR 

121 1/01/2002 Groote Island 
Macropus 
robustus 

woodwardi 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

373 7/09/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

373 7/09/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Ear lesion 1 

Qiagen DNA 
extraction 

Real-time PCR 

373 7/09/2007 
Territory 

Wildlife Park 
Macropus 
robustus 

Ear lesion 1 
Qiagen DNA 

extraction 
Real-time PCR 
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woodwardi 

373 7/09/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Foot lesion 1 

Qiagen DNA 
extraction 

Real-time PCR 

373 7/09/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Tail lesion 1 

Qiagen DNA 
extraction 

Real-time PCR 

40118 16/03/2009 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

83212 12/09/2008 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

83212 3/10/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

83212 20/05/2008 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

83212 20/05/2008 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Ear 1 

Qiagen DNA 
extraction 

Real-time PCR 

83212 12/09/2008 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Ear 1 

Wizard SV 
DNA 

Extraction 
Real-time PCR 

100952 21/09/2007 
Territory 

Wildlife Park 
Macropus 
robustus 

Ear tissue 1 
Qiagen DNA 

extraction 
Real-time PCR 
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woodwardi 

100952 21/09/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Lymph node 1 

Qiagen DNA 
extraction 

Real-time PCR 

100952 21/09/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Lymph node 1 

Qiagen DNA 
extraction 

Real-time PCR 

970181 3/10/2007 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

970181 13/03/2009 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

970181 25/08/2005 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

990096 7/03/2008 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

990096 7/03/2008 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Colaca 1 

Qiagen DNA 
extraction 

Real-time PCR 

990096 7/03/2008 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Ear 1 

Qiagen DNA 
extraction 

Real-time PCR 

990096 7/03/2008 
Territory 

Wildlife Park 
Macropus 
robustus 

Tail Lesion 1 
Qiagen DNA 

extraction 
Real-time PCR 
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woodwardi 

990096 7/03/2008 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Tail Lesion 1 

Qiagen DNA 
extraction 

Real-time PCR 

990096 7/03/2008 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 

Tail Lesion 
(culture) 

1 
Qiagen DNA 

extraction 
Real-time PCR 

990096 7/03/2008 
Territory 

Wildlife Park 

Macropus 
robustus 

woodwardi 
Ear 1 

Wizard SV 
DNA 

Extraction 
Real-time PCR 

214 22/05/2008 Buff Farm 
Mesembriomys 

gouldi 
Skin 1 

Qiagen DNA 
extraction 

Real-time PCR 

214 22/05/2008 Buff Farm 
Mesembriomys 

gouldi 
Skin 1 

Qiagen DNA 
extraction 

Real-time PCR 

22 1/09/2007 
Territory 

Wildlife Park 
Onychogalea 

unguifera 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

115 7/10/2004 
Territory 

Wildlife Park 
Onychogalea 

unguifera 
Blood 1 Serum 

Kangaroo IgG 
ELISA 

890048 9/06/2008 
Territory 

Wildlife Park 
Pteropus alecto Ear 1 

Wizard SV 
DNA 

Extraction 
Real-time PCR 

70382 9/01/2008 
Territory 

Wildlife Park 
Trichosurus 
vulpecula 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

70382 9/01/2008 
Territory 

Wildlife Park 
Trichosurus 
vulpecula 

Ear 1 
Qiagen DNA 

extraction 
Real-time PCR 

 
 


